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ABSTRACT 

LONG-TERM TRENDS AND IDENTIFICATION OF ICHTHYOPLANKTON 
ASSEMBLAGE STRUCTURES IN A RECOVERING TIDAL FRESHWATER 
EMBAYMENT 

Amanda Michelle Sills, M.S. 

George Mason University, 2015 

Thesis Director: Dr. Kim de Mutsert 

 

Gunston Cove, VA, an embayment of the Potomac River, is a tidal freshwater system 

utilized by anadromous, estuarine, and freshwater fish species for spawning and larval 

development. Historically polluted by point source pollution from a wastewater treatment 

facility, water quality has improved since nutrient loading from the effluent was 

significantly reduced in the 1980s. This improvement allowed for a transition from a 

phytoplankton-dominated ecosystem to a submerged aquatic vegetation (SAV)-

dominated ecosystem in the last decade. This study aimed to determine effects of 

observed trends in environmental quality on ichthyoplankton assemblage structures and 

abundances. Using data from bimonthly pelagic ichthyoplankton tows conducted since 

1993, multivariate statistical approaches were employed to explore relationships between 

assemblages and environmental variables associated with nutrient loading. A significant 

difference was found between assemblage structures sampled within the cove during 
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phytoplankton and SAV dominated time periods. Increases in abundance of fish species 

that utilize SAV habitats for spawning were found to be significant and correlated with 

decreases in total nitrogen, total phosphorus and total suspended solids. Outcomes from 

this analysis help increase understanding of the effects of point source nutrient reduction 

on the ecology of ecosystems undergoing recovery.  

Identification of fish at larval developmental stages in the Potomac River watershed is 

difficult since identification guides generally do not evaluate simultaneously freshwater, 

anadromous, and estuarine species, which co-occur in tidal freshwater habitats. In 

addition to the above-described analysis, a dichotomous identification key was created 

through updating, consolidating, and adding to available information sources.  
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CHAPTER 1 : BACKGROUND AND PURPOSE OF STUDY 

1.1 Introduction 

1.1.1 Early Life History of Fish 
 

Fish exhibit various life history strategies throughout their growth and 

development. These life history strategies, which comprise collective traits like size at 

maturity or level of parental care exhibited by species, can differ by species but have 

evolved to handle ecosystem variability (Cowan et al., 2013).  Overall, life history 

strategies are aimed at providing optimal growth conditions for larvae and juveniles, 

ideally with low rates of predation and competition and high rates of growth and 

development (Cowan et al., 2013; Houde, 2001).  

As fish complete their life cycle from egg to maturity, several notably different 

growth and developmental stages occur throughout this progression (Figure 1.1). Yolk 

sac larvae are a non-feeding developmental stage occurring just after hatch, where 

nutrition is derived from an attached yolk sac (Houde, 2001).  At the point of hatch, 

larvae are fragile and have many underdeveloped morphological features such as eyes, 

fins and mouthparts (Houde, 2001). Substantial morphological changes occur throughout 

the larval developmental stage, which are essential to support survival of the fish. 

Morphological developments occur allowing for improved feeding and predator 

avoidance, two key components to larval survival (Miller and Kendall Jr., 2009).  
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Figure 1.1 General Larval Fish Ontogenetic Progression. A general representation of the early developmental stages 
of a fish before metamorphosis (Souce: Ré and Meneses, 2009). 
 
 
 
. 
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As growth occurs, the yolk sac is absorbed and larvae develop features that enable 

them to actively feed, locate prey items, and maintain their position in the water column 

(Helfman et al., 2009; Miller and Kendall Jr., 2009). Once yolk sac absorption is 

complete, they are deemed post yolk sac larvae and must be completely self-sufficient 

when locating prey items, and maintaining buoyancy and location within an ecosystem 

(Houde 2001; Helfman et al., 2009; Miller and Kendall Jr., 2009). During ontogeny, 

larvae will also develop traits such as scales, an axial skeleton, pigmentation patterns, and 

organ systems (Helfman et al. 2009). Larvae will eventually develop into juveniles, a 

developmental stage that is indicated by the formation and complete development of all 

scales, fin rays, and organ systems (Miller and Kendall Jr., 2009).  The duration of larval 

growth and developmental stages varies greatly by species. Ontogenetic development and 

transitions between stages can occur in as little as a few hours or as much as several 

years, depending on the life history strategy of a particular species and environmental 

conditions (Houde, 2001; Cowan et al., 2013).  

1.1.2 Spawning Mechanisms 
 

In freshwater and estuarine habitats, a variety of spawning methodologies are 

exhibited by fish depending on their life history strategy. Broadcast spawning occurs 

when unfertilized eggs and sperm are released by males and females swimming in close 

proximity at a specific time (Hutchings et al., 1999; Miller and Kendall Jr., 2009). This 

spawning mechanism is commonly used by anadromous species, which migrate from the 

ocean into freshwater spawning sites, usually in early spring in the Chesapeake Bay 

(Marcy Jr., 1976; Secor and Houde, 1995; Cowan et al., 2013). For example, American 
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shad (Alosa sapidissima) produce eggs during broadcast spawning that are buoyant or 

semi-demersal and will float in surface waters (Harris and Hightower, 2010; Miller and 

Kendall Jr., 2009).  Larvae derived from broadcast spawning receive no parental care 

(Miller and Kendall Jr., 2009). Once eggs are released into the environment, spawning 

adults are no longer involved and often leave the spawning grounds. Once eggs have 

been spawned, they are typically carried away from spawning grounds with the currents 

and into nursery areas for further development (Marcy Jr., 1976).  

Many freshwater and estuarine species will lay demersal eggs (Miller and Kendall 

Jr., 2009; Marques et al. 2006). Demersal eggs are negatively buoyant and often 

adhesive, allowing them to remain submerged near or on bottom substrates or surfaces 

where they were spawned (Miller and Kendall Jr., 2009). Almost all freshwater species of 

fish produce eggs that are attached to the substrate or to different types of nesting 

materials (Miller and Kendall Jr., 2009). Some species may brood these eggs in a nest, 

typically constructed by a male, for prolonged periods of time (Olney and Boehlert, 

1988). This spawning methodology requires a high investment of parental care, as 

typically males will guard nests to protect the eggs until they hatch into larvae (Schauss 

Jr., 1977). This is the case for species, like bluegill (Lepomis macrochirus), where males 

will guard eggs and young larvae after they have hatched (Gross and Charnov, 1980).  

1.1.3 Conditions Impacting Spawning and Larval Development 
 

Spawning success can be influenced by a variety of factors; however, two of the 

most influential for freshwater spawning fishes include temperature (Secor and Houde, 

1995), and body condition of spawning adults (Helfman et al., 2009). Warmer 
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temperatures can precipitate spawning events and larval production to occur earlier, while 

cooler temperatures caused by cold fronts or storm events can decrease egg production 

during spawning seasons (Secor and Houde, 1995). The size, condition and number of 

eggs produced during spawning, is also largely dependent on the body size and age of the 

female that produced them (Helfman et al., 2009). Larger females which are older and 

have previously spawned, typically produce a higher number of larger sized eggs.  

Larvae of many fish species function in an ecosystem as a component of plankton. 

Drifting eggs and larvae are not well equipped to handle hazardous or sudden changes in 

environmental conditions (Marcy Jr., 1976). Dramatic increases in body size and sensory 

organs prevent fish from remaining in the larval stage for prolonged periods, and once the 

fish reach the juvenile stage they are no longer a planktonic constituent (Miller and 

Kendall Jr., 2009). The environmental conditions and events that occur during the larval 

developmental phase are a large determinant of the overall health and success of the 

individual, and given the role of early life history in year class success, also for the 

population. 

The youngest larval fish do not actively hunt prey items as they are still obtaining 

nutrition from the attached yolk-sac (Nunn et al., 2012). The quality of this food source 

can be directly related to the health of the mother at the time of spawning, with a larger 

body size contributing to a higher quality yolk sac for larvae (Nunn et al., 2012). Post 

yolk sac larvae no longer obtain nutrition from the yolk sac, which becomes reduced 

before being completely absorbed by the individual during this initial growth progression 

(Miller and Kendall Jr., 2009; Nunn et al., 2012). Previous studies suggest that one of the 
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most important events for larval fish is surviving to the point where the source of 

nutrition transitions from the yolk sac to exogenous feeding on plankton and other food 

items (Hjort, 1914; Houde, 2008; Nunn et al., 2012). Most fish species, both freshwater 

and marine, begin by consuming plankton as their main source of nutrition once 

exogenous feeding begins (Nunn et al., 2012).  

The larval fish of many species commonly consume similar prey items, regardless 

of the juvenile and adult stage feeding strategies that may develop. For example, a 

species that may be detritivorous as an adult will most likely start off consuming plankton 

during larval development (Miller and Kendall Jr., 2009; Nunn et al., 2012). Once 

exogenous feeding begins for larvae, common prey items include copepods, cladocerans, 

rotifers, and phytoplankton (Nunn et al., 2012). The ability to successfully obtain prey 

items is a key component to larval survival, because abundant food resources and 

successful prey capture supports high growth rates and places many larvae in an 

advantageous position in the ecosystem (Houde, 2008, 2009; Nunn et al., 2012). Larvae 

with slow growth rates are at a disadvantage and are generally considered more 

vulnerable in an ecosystem because they are smaller in size, and have higher starvation 

potential and predation risks (Houde, 2001, 2008, 2009).  

1.1.4 Recruitment Variability and Year Class Success 
 
 Historically, several influential hypotheses examined the relationship between 

ichthyoplankton survival, ecology, and year class success. The first major hypothesis, the 

Critical Period Hypothesis, was developed by Hjort in 1914. The Critical Period 

Hypothesis states that starvation at a critical period of development for larvae, for 
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example the onset of exogenous feeding after yolk sac absorption, would largely 

determine the strength and success of a year class (Hjort, 1914). While Hjort’s hypothesis 

was largely supported, other research efforts determined that additional factors during 

early life stage development also played a significant role in variations in year class 

success (Houde, 2001, 2008). 

 The Match-Mismatch hypothesis was developed by Cushing in 1960s and early 

1970s, and was built on Hjort’s Critical Period Hypothesis. The Match-Mismatch 

hypothesis brings into account the timing of spawning events, and states that the 

reproductive events of fishes would need to be matched with a peak abundance of food 

resources for larvae to feed on in order for a strong year class to be produced (Helfman et 

al. 2009). Based on this hypothesis, a poor year class would result when the time of 

spawning and peak food production in an ecosystem were misaligned, leaving inadequate 

food available for larvae when they switched to exogenous sources. Several other 

theories have been suggested since Hjort’s initial proposal, including the Stable Ocean 

Hypothesis proposed by Lasker, and the Circulation Hypothesis proposed by Sinclair and 

Iles’, all of which consider additional factors that can influence successful larval 

development (Houde, 2001, 2009; Lasker, 1981; Illes & Sinclair, 1982).  

Because the success of a cohort of fish is most often established during the early 

life history stages, it is important for larvae to maintain high growth rates during this 

developmental period (Houde, 2008). Surviving individuals must overcome a variety of 

challenges from both natural and anthropogenic origins, if they are to survive to 

reproduce. Typically, ichthyoplankton exhibit low rates of survival and for some species 
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of freshwater fish, mortality can be on average 96.4% (Houde, 2001; Houde, 1994). Only 

5.30% of an initial cohort for freshwater fish species is expected to be alive at the point of 

juvenile metamorphosis (Houde, 1994). Under normal conditions, thousands of eggs may 

be released by a single individual during a spawning event, yet only a tiny fraction of 

those will survive (Houde, 2001). Small fluctuations in the growth and survival rates of 

larvae can result in 10-fold differences of the number of individuals that survive to 

recruitment (Houde, 1987, 2001).  If a year class is faced with poor larval survival, it is 

unlikely that a high survival rate of juveniles would be able to compensate for such loss 

of individuals (Houde, 2001, 2008).  

Once larvae absorb their yolk sac and switch to external food sources, it is 

imperative that energy be designated towards feeding and growth to reduce the impacts 

of size dependent factors on individuals. Typically, numbers decline and cohort biomass 

decreases during egg and yolk sac larval stages. Cohort biomass will begin to increase at 

some point during post yolk sac stages, as the rate of mortality rate is no longer larger 

than the rate of larval growth (Houde, 1997; Houde, 2001).   

 

1.1.5 Tidal Freshwater Habitats as Nursery Areas for Ichthyoplankton 
 

Fish species undergo periods of development and changes in resource use, 

including prey items and utilization of varying habitat areas, as a result of the 

physiological, morphological and ecological traits obtained through growth (Nunn et al., 

2012; Miller and Kendall Jr., 2009). As larval fish grow, resource use changes to match 

developmental requirements. Different stages of growth will consume and require a range 
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of resources and utilize different habitat areas as their needs change with their 

developmental progression. These requirements make spawning and nursery habitats, 

which are frequently exposed to pollution and other forces of degradation, essential for 

larval stage survival and year class success. 

Tidal freshwater habitats provide diverse resources to fish species, which use 

these areas at different developmental stages of their life history. These areas provide the 

necessary habitat types and ecosystem components for economically and ecologically 

important species to thrive (Yozzo and Smith, 1995). Tidal freshwater habitats are 

negatively influenced by stresses from humans, including urban and extensive 

agricultural practices, which degrade water quality, species health, food web 

relationships, and alter flow and discharge regimes (Kraus and Jones, 2012; Bennett et 

al., 1995; Kemp et al. 2005; Bukaveckas and Isenburg, 2013).  

Tidal freshwater habitats are formed at the point of transition from non-tidal river 

influenced waters to the tidal river estuary (Yozzo and Diaz, 1999).  Occurring at the 

upper reaches of estuaries, tidal freshwater habitats are subjected to high inputs of 

freshwater from river inflow, but also remain subjected to tidal influences from the 

estuary (Jones et al., 2008; Jones 2008; Yozzo and Diaz, 1999). Tidal freshwater habitats 

remain upstream of any significant salt-water influence, and generally have negligible 

salinity levels - less than 0.5ppt (Cowan et al., 2013).  These waters remain well mixed 

because of inflow and tidal currents (Jones et al., 2008; Jones 2008), and have high levels 

of primary and secondary productivity (Yozzo and Smith, 1995; Yozzo and Diaz, 1999). 
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High productivity at these levels contributes to the success as nursery locations for fish 

species.  

Freshwater nursery areas for ichthyoplankton tend to be shallow in depth and 

highly vulnerable to changes in environmental conditions posing regular challenges for 

larvae (Houde, 1994). These challenges are greatly exacerbated when urbanization or 

land-use change occurs within the watershed of the nursery grounds, which can greatly 

impact the survivability of a cohort of fish.  

1.1.6 Habitat Types and Environmental Conditions in Nursery Grounds 
 

Tidal freshwater ecosystems can contain several different habitat types, which are 

utilized by species of fish with varying life history strategies. The variation of habitat 

types in tidal freshwater ecosystems allows for the requirements of different 

developmental stages to be provided for, as well as enhancing the diversity and 

abundance of prey items (Nunn et al., 2012; Yozzo and Diaz, 1999; Cowan et al., 2013). 

For example, as various species of Centrarchids complete their life history, they use 

different habitat areas. Larval and juvenile sunfish use many shallow inshore areas such 

as muddy, gravel or cobble substrates, or beds of submerged aquatic vegetation (SAV) 

and adults make use of deeper, open water portions of the water column (Harvey, 1991). 

In addition, species with different feeding mechanisms, such as grazers, bottom feeders, 

and planktivores, are capable of surviving in the same system because different habitats 

types occur, alleviating potential competition for food and spatial resources (Musick and 

Wiley, 1972). 
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Shallow freshwater habitats typically allow light penetration to the bottom, which 

can enable the growth of emergent vegetation and SAV (Yozzo and Diaz, 1999; Cowan 

et al., 2013). Habitats composed of SAV are a critical component of the ecosystem as 

they can provide a refuge area for fish from predation and can shelter ichthyoplankton 

and juvenile fish species from environmental perturbations (Kraus and Jones, 2012; 

Harvey, 1991; Yozzo and Smith, 1997). While Atlantic coast tidal freshwater ecosystems 

are capable of supporting extensive beds of SAV given their generally shallow 

morphology, these habitats remain highly sensitive with a variety of factors influencing 

vegetation growth and health (Kraus and Jones, 2012; Jones and Graziano, 2013). The 

growth and expansion of SAV can be limited by poor water quality, sedimentation and 

increased turbidity reducing light penetration, all influenced or resulting from changes in 

land-use in watershed areas and increased nutrient inputs (Kraus and Jones, 2012).  

The growth of SAV in a habitat can provide various ecosystem services. Large 

expanses of SAV can provide filtration and buffer services for excess nutrients in the 

ecosystem (Love and May, 2007). Some fish species may utilize the complex habitat 

areas that SAV provides at specific times during the day (Yozzo and Smith, 1997; Nunn 

et al., 2012). Muddy bottom areas connect vegetated areas with the main channels of the 

river, and can support a different community of infaunal organisms in addition to larvae, 

juvenile and adult species of fish (Nunn et al., 2012). That said, larval fish are not 

restricted to shallow water habitats, and are capable of inhabiting these muddy bottom, 

deeper water areas within tidal freshwater ecosystems (Harvey and Stewart, 1991).  
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1.1.7 Other Environmental Impacts on Ichthyoplankton 
 

The highly variable nature of year class success and its role in influencing the 

overall population status for fish is impacted by a combination of biotic and abiotic 

factors (Mion et al., 1998). For fishes spawning in riverine systems, even small changes 

in temperature or other water quality parameters like rates of discharge or amounts of 

suspended sediments can have a negative impact on the survival of that particular year 

class (Mion et al., 1998). Fish larvae will exhibit stress behaviors long before their older, 

more resilient conspecifics, allowing the larvae to serve as indicators of environmental 

stressors occurring within a system. 

Tidal freshwater habitats experience seasonal environmental changes that expose 

larvae to a variety of conditions. To survive, larvae of species with long and protracted 

spawning seasons must be capable of tolerating such changes. Common seasonal 

variation in these habitats include changes in temperature and dissolved oxygen (Love 

and May, 2007; Nunn et al., 2012). These seasonal changes are often predictable over a 

longer timescale, thus allowing for repeating environmental conditions that influence the 

immigration of migratory anadromous fish species for spawning and the structure of 

resident fish assemblages during any specific time of the year (Love and May, 2007). 

Changes in environmental conditions such as temperature and dissolved oxygen can not 

only influence growth, but also predation risk and locations within the nursery grounds 

(Houde, 2009).  

In many estuarine ecosystems, salinity, which directly impacts conductivity, is 

one of the most influential environmental variables on fish communities. However, 
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because tidal freshwater ecosystems have low salinity levels, runoff pollution, which is 

often influenced by seasonal weather trends, contains other chemical constituents that can 

also influence the conductivity of the water (Allan and Castillo, 2007). Conductivity, 

which is the electrical conductance of water, measures the amount of dissolved ions in 

solution (Allan and Castillo, 2007). Runoff pollution, carrying road salts, fertilizers, 

sediments, and other particulates, can increase the conductivity in tidal freshwater 

ecosystems (Allan and Castillo, 2007; Hill and Neal, 1997). High levels of conductance, 

from either terrestrial or estuarine sources, in tidal freshwater ecosystems can impair 

muscle function and influence metabolism of fishes (Arockiadoss et al., 1998).  Elevated 

levels of sedimentation creating suspended materials in the water column can also be 

problematic for fish as particles can damage gills or crush larvae through scouring actions 

in the water (Mion et al., 1998). However, one benefit of mildly turbid waters is that it 

offers larvae some protection from predators, especially against species that rely on 

vision for locating and capturing prey (Olney and Boehlert, 1988). 

Temperature has the largest influence on fish communities at all life history 

stages. Temperature can dictate fish behavior, including migration, metabolism, rates of 

growth and development, larval dispersal, and survivorship (Love and May, 2007; Mion 

et al., 1998; O’Connor et al., 2007; Houde, 1989, 2009). Is has been well documented 

that fish move in and out of estuarine habitats and coastal bays based on the water 

temperatures in these areas (Love and May, 2007).  

Larval rates of growth and metabolism can be especially influenced by 

temperature (Houde, 2009). Fast growth of larvae yields many benefits. The smaller the 
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larvae, the more affected they may be by environmental factors occurring within the 

nursery grounds.  For many species of fish larvae, weight specific growth rates can 

increase up to four-fold with increasing temperatures, given that temperatures do not 

exceed tolerable levels (Houde, 2001).  

Dissolved oxygen is another factor that impacts ichthyoplankton success and 

survival in tidal freshwater habitats. Having an inverse relationship with temperature, low 

dissolved oxygen levels can impact larval health (Love and May, 2007). At severely low 

levels, larvae can undergo physiological stresses, ultimately resulting in mortality if 

conditions persist (Love and May, 2007). It is common during seasonally high 

temperatures for aquatic habitats near urban and/or agricultural settings to become 

hypoxic which, if persistent, can negatively impact aquatic life (Love and May, 2007). 

Low oxygen conditions occurring within the Chesapeake Bay have been known to 

negatively impact the larvae of a variety of economically and ecologically important 

species by either causing direct mortalities or reducing the availability of viable habitat 

areas (Breitburg et al., 1994).  

Larval fishes have specific habitat requirements, which when met, enable the 

successful growth and survival into juvenile or adult stages. Nursery habitats and 

spawning areas can be easily influenced by river flow and discharge, tidal currents, wind, 

sedimentation processes and a variety of other factors that can change them from a 

suitable place for larval growth to patchy and unsuitable within short time scales (Bennett 

et al., 1995). Such uncertainty makes it difficult to ensure that larvae will be exposed to 

optimum conditions in nursery areas as species select appropriate spawning times. For 
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many species of fish, river flow is important to transport eggs and larvae to these nursery 

areas where food sources like copepods, cladocerans and other plankton are more 

abundant for post yolk-sac larvae growth stages (Bennett et al., 1995). The concentrations 

of zooplankton prey available to larvae can be dependent on the retention capacity of the 

nursery, and under the influence of variable temperatures impacting growth and survival 

(Martino and Houde, 2010).  

Food abundance is thereby another important factor in larval survival that may 

vary with season in tidal freshwater habitats. It has been documented that zooplankton 

populations in the Chesapeake Bay are highly variable during the early to late spring, and 

may have additional peaks of abundance later in summer (Rutherford et al., 1997). Some 

fish species may spawn according to these trends, like striped bass (Morone saxatilis), 

whose spawning peaks occur in April-May, aiming to match zooplankton peak 

abundance, to ensuring food availability (Rutherford et al., 1997; Martino and Houde, 

2010). However, if these peaks do not align, year-class failures can result. High 

concentration of prey species leads to higher encounter rates with prey for larvae, 

ultimately contributing to higher growth rates and survival (Houde, 2008; Martino and 

Houde, 2010). Additionally, studies focusing on larval Moronids found that a higher 

recruitment potential occurred when occupation of nursery grounds was timed to match 

zooplankton blooms of prey species such as the cladoceran Bosmina sp. (Campfield and 

Houde, 2011).  

The variety of factors that can have significant impacts on the survival and growth 

of larval fish also includes human influences. Humans can substantially alter or change 
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natural patterns of many of the abiotic influences discussed above, with direct or indirect 

impacts on ichthyoplankton.  

1.1.8 Anthropogenic Effects on Larval Health and Survival 
 

Fish habitats are greatly impacted by anthropogenic environmental alterations 

resulting from urbanization, pollution and other factors that lead to deteriorating water 

quality, and also directly destructive practices like dredging or dam construction (Love 

and May, 2007; Schauss, 1977). Fish species at all developmental stages can be forced 

into lower quality habitats if there is extensive destruction of higher quality habitats 

(Love and May, 2007). Close proximity to large urban centers or areas with extensive 

agricultural development can expose entire freshwater tidal habitats to toxic chemicals or 

excessive nutrient levels from runoff from the surrounding expanse of impervious 

surfaces (Bennett et al., 1995).  

One of the most influential anthropogenic environmental alterations is the 

excessive input of nutrients, or eutrophication, into an aquatic ecosystem. While 

moderate inputs of nutrients such as nitrogen (N) or phosphorus (P) can benefit aquatic 

ecosystems by increasing production, excessive nutrient inputs can drive ecosystems past 

tolerable thresholds, resulting in adverse ecological changes and economic impacts 

(Allan and Castillo, 2007; Smith, 2003). Humans introduce nutrients into riverine 

ecosystems at accelerated rates resulting from activities, including land-use change, 

population growth, agricultural practices or industrial expansion (Paerl, 2009; Smith, 

2003). Of the impaired river systems in the United States, 60% are impaired due to 

eutrophication (Smith, 2003). Eutrophication can result from high loadings of N or P 
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entering an ecosystem from either point or non-point source pollution (Allan and Castillo, 

2007).  Reducing or regulating non-point source pollution, in which the origin of 

pollution is diffuse, can be a challenging task (Allan and Castillo, 2007). Typically inputs 

of non-point source pollutants into aquatic ecosystems follow seasonal trends associated 

with rain events and runoff (Bukaveckas and Isenburg, 2015). Point-source pollutants, in 

which the origin of pollution is explicitly known and accessible, can be much more 

readily monitored and managed (Allan and Castillo, 2007). The frequency of input into 

aquatic ecosystems of point source pollution varies greatly depending on the location, 

geological features, and type of industry or land-use within the watershed.  

Estuarine and tidal freshwater ecosystems are commonly used for wastewater 

treatment disposal, a point source pollutant, resulting in the eutrophication of many 

valuable habitat areas (Smith, 2003). Eutrophication can result in water quality 

impairment, harmful algal blooms (HABs), expansive hypoxic zones, alteration of food 

webs, alternation in the composition of fish communities and population dynamics, and 

the degradation of valuable fisheries habitats (Smith, 2003; Allan and Castillo, 2007; 

Bowen and Valiela, 2001; Paerl, 2009; Kemp et al. 2005). In many estuaries, including 

Chesapeake Bay and its tributaries, the most common result of eutrophication is an 

increase in phytoplankton biomass and a decrease in water clarity (Kemp et al., 2005). 

When nutrient loading is persistent and pervasive the ecosystem can become hyper-

eutrophic, an advanced state of nutrient loading, most commonly resulting in frequent 

and persistent HABs (Paerl et al., 2011). 
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Decreases in water clarity related to eutrophication can reduce or prevent the 

growth of SAV (Smith, 2003, Kemp at al., 2005; Paerl, 2009). Excessive amounts of P in 

freshwater ecosystems can cause increased phytoplankton, which shades bottom 

sediments from sunlight, inhibiting the growth of submerged plants (Kemp et al., 2005; 

Paerl, 2009). The loss of expansive SAV beds due to eutrophication, as seen in the 

Potomac River after the 1930’s, can be particularly problematic in shallow freshwater 

ecosystems because of the loss of buffering services provided by the vegetation, which, 

when not impaired, assimilates N, and reduces turbidity by collecting particulate organic 

materials (Carter et al., 1983; Carter and Rybicki, 1986; Jones, 2008; Kemp et al., 2005). 

Aside from limiting light penetration high phytoplankton biomass has other impacts on 

biota in tidal freshwater systems. High phytoplankton or algal biomass can create 

hypoxic or oxygen depleted areas in the water column (Guenther et al., 2015), which can 

have direct negative implications for ichthyoplankton health and survival.  

Many tidal freshwater ecosystems in the upper reaches of the Potomac River are P 

limited (Kemp et al., 2005; Jones, 2008). Extensive eutrophication of these waters was 

dominant until the early 1970s when active reductions in point source P and N loadings 

in wastewater treatment pollution were made (Kemp et al., 2005; Jones 2008). After 

reductions were initiated, notable decreases in the frequency of seasonal HABs and algal 

biomass, and increases in water clarity were apparent in the early 1980s (Kemp et al., 

2005; Jones, 2008). However, immediate responses of SAV were not as prevalent. In the 

Potomac River, SAV exhibited a hysteretic, or a delayed non-linear feedback, before 

responding with expansive growth to increases in water clarity and overall quality in the 
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mid-2000s, which potentially created new habitat areas for fish at different stages of their 

life history (Kemp et al., 2005; Jones, 2008).   

This type of response, also known as a stable state shift, can occur when an 

ecosystem undergoing recovery shifts to a combination of persistent environmental 

conditions referred to as an alternative stable state (Dodds et al., 2010; Suding et al., 

2004; Scheffer et al., 2001). While the timing of a stable state shift can be unpredictable, 

typically shifts are exhibited when reductions in stressors like high nutrient loadings have 

reduced significantly beyond ecological thresholds, resulting in an abrupt change in 

ecological quality or habitat health (Dodds et al., 2010; Suding et al., 2004; Scheffer et 

al., 2001). Ichthyoplankton assemblages and other biota in these ecosystems can 

experience a variety of impacts, including increased abundances of species that favor the 

new distinct ecosystem features, alternation of trophic systems or food web dynamics, 

and changes in habitat utilization (Suding et al., 2004). 

The recovery progression of Gunston Cove, VA, provides an example of a 

previously hyper-eutrophic system which exhibited an alternate stable state shift after 

reductions in wastewater treatment pollution began in the late 1970s. Specifically in 

Gunston Cove, low levels of oxygen and water clarity and high levels of P, N and TSS 

prevented SAV growth, and in combination with frequent HABs contributed to poor 

overall health (Jones et al., 1992; Jones et al., 2008). 

1.2 Study Overview 

1.2.1 Chapter 2: Long-term trends in Ichthyoplankton assemblage structures in a 
recovering freshwater tidal embayment 
  



20 
 

 In Chapter 2, I examined long-term trends in ichthyoplankton assemblage 

structures in Gunston Cove, VA – a tidal freshwater ecosystem undergoing recovery from 

reduction in wastewater pollution. Using ichthyoplankton and environmental data, I 

analyzed responses in assemblage structures to increases in SAV bed area, reductions in 

nutrient loadings in wastewater treatment effluent, and increases in urbanization within 

the watershed. I used a number of non-parametric statistical analyses to determine that 

the composition of ichthyoplankton assemblage structures varied significantly over time 

with increases in total area of SAV.  

1.2.2 Chapter 3: Potomac Watershed Ichthyoplankton Identification Guide 
 
 In chapter 3, I present a new dichotomous key created to identify early life history 

stages of frequently sampled species in the freshwater tidal habitat of the Potomac River.  

For this, I reviewed, compiled and refined numerous literature resources used to develop 

an identification guide for larvae of freshwater, anadromous, and migratory fish species 

commonly occurring within the Potomac River Watershed, and created new illustrations 

to better explain and support traits highlighted in the identification process.   
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CHAPTER 2 : LONG-TERM TRENDS IN ICHTHYOPLANKTON 
ASSEMBLAGE STRUCTURES IN A RECOVERING FRESHWATER 

TIDAL EMBAYMENT 

2.1 Introduction 
 

During the early developmental stages of fish, larvae are vulnerable to a variety of 

factors including predation, environmental perturbations, outbreaks of disease, 

competition, and changes in water quality and ecosystem health (Nunn et al., 2012; Mion 

et al., 1998; Miller and Kendall Jr., 2009). In addition to impacting the survival and 

health of ichthyoplankton, factors that alter water quality and the distribution and 

viability of habitat areas available for growth and development can cause shifts in the 

composition of ichthyoplankton assemblages within an ecosystem (Dobbs et al., 2010; 

Tonn and Manuson, 1982). Because of implications of success during early stage 

development on overall population status, growth and health, increasing understanding of 

influences on early life history stage development and assemblage structure is an 

important research area (Mion et al., 1998). Ichthyoplankton surveys can be used to target 

multiple facets of fisheries ecology. Surveys of ichthyoplankton abundance have been 

used as a proxy for adult population sizes and fecundity assessment (Motos et al., 2004). 

Alternatively, surveys examining changes in species composition of ichthyoplankton 

assemblages can highlight impacts or changes of influences within an ecosystem through 
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analysis of interactions of habitat quality, use, and structure, and trophic function (Wyda 

et al., 2002; Nobriga et al. 2005).   

 For organisms living in tidal freshwater habitats, ecosystem changes driven by the 

alteration of surrounding habitat and subsequent impacts of point and non-point source 

pollution, can be influential determinants of assemblage structure and species 

composition (Allan and Castillo, 2007; Schwalb et al., 2014).  Wastewater treatment is a 

common point source pollutant in tidal freshwaters, and can be problematic in largely 

urbanized areas as storm or high flow events can overwhelm treatment facilities and 

cause a direct deposition of untreated wastes into the receiving waters (Allan and 

Castillo, 2007). Additionally, treated effluent is released from these facilities, and often 

depending on the grade of technology and treatment techniques used, can deposit 

additional nutrients and chemicals remaining residually in treated water (Allan and 

Castillo, 2007). Increased urbanization leading to greater areas of impervious surfaces 

also negatively influences tidal freshwater areas by depositing nutrients, chemicals and 

sediments resulting from higher rates of runoff due to the decline or loss of buffer areas  

(Allan and Castillo, 2007).  

 Nutrient pollution from both point source pollutants such as wastewater treatment 

effluent or non-point sources like runoff has contributed to the eutrophication or hyper-

eutrophication of many freshwater ecosystems (Kane et al., 2014; Paerl et al., 2011). 

Resultant effects that negatively impact ecosystem health and quality include harmful 

algal blooms, decreases in oxygen levels and water clarity, and increases in algal biomass 

(Luo, 2013; Guenther, 2015; Kane et al., 2014). In hyper-eutrophic ecosystems, increases 
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in algal biomass, or phytoplankton, can reduce the amount of SAV through limitation or 

prevention of sunlight from reaching bottom sediments in shallow waters and through 

decreases in available dissolved oxygen, creating hypoxic zones (Guenther, 2015; Bayley 

and Prather, 2003; Dodds et al., 2010; Wyda et al., 2002). Loss of vegetation can have 

profound negative impacts on biota, including the early life history development of  

fishes.  

 Prolonged exposure to pollution driving eutrophication can result in ecosystem 

changes in tidal freshwater habitats. While improvements in water quality, like increases 

in clarity and oxygen levels, may linearly correspond to reductions in point source 

pollution, responses in vegetation may be lagging behind, as documented in many 

Potomac River habitats after the late 1970s (Kemp et al., 2005; Suding et al., 2004). 

Recovering ecosystems may be resilient to changes corresponding to quality 

improvement, and can result in an alternative stable state shift once improvements pass 

the ecosystem’s tolerance or threshold (Suding et al., 2004; Dodds et al., 2010; Scheffer 

et al., 2001). Alternative stable state shifts may be abrupt and unpredictable, having 

implications on biota community structure and composition, available habitat areas, and 

food web manipulation (Dodds et al., 2010). The nature of stable state shifts poses many 

challenges to management, particularly in areas of high economic and ecological 

importance. While not all recovering ecosystems undergo alternative stable state shifts, 

the need for more focused research efforts monitoring ecosystem recovery is imperative 

because of the unpredictable nature of those that do (Suding et al., 2004).  
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Long-term monitoring programs are often multidisciplinary, and have been 

successful at using changes in ichthyoplankton assemblage structures to identify the 

combined effects of multiple factors influencing the spawning success, growth and 

development of larvae, in addition to changes in environmental and health conditions 

occurring within an ecosystem (Pepin, 2009; Kelso et al., 2012). Pepin (2009) is largely 

in support of larval research programs that focus statistical analyses on describing not 

only the observed variability, but also the environment through quantifying interactions 

with the use of statistical techniques such as non-parametric density estimators. Trends in 

ichthyoplankton assemblage structures can serve as a research tool for other investigative 

studies as well. Changes in ichthyoplankton assemblage structures have been used to 

investigate habitat characteristics, ecosystem functions, and environmental bioassessment 

(Kelso et al., 2012). Additionally, studies have found that gradients in assemblage 

structures often overlap with various environmental factors or regimes like temperature, 

salinity, or hydrographic features (Campfield and Houde, 2011).   

Historical datasets can help influence best management practices for the future. 

Because of increased urbanization and land-use modification, a thorough comprehension 

of historical changes is needed in order to maintain an understanding of current and 

future response patterns (Schwalb et al., 2014). Benefits of working with long-term data 

sets can include the identification of areas that are lacking or require more intense 

investigation, and learning from previous patterns or occurrences to better guide and 

create more informed decisions in future monitoring efforts (Schwalb et al., 2014).  
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Previous studies assessing changes in ichthyoplankton assemblage structures have 

provided detailed analyses focusing mainly on short term implications and responses to 

clean up or management efforts, but lacked sufficient analyses examining responses in 

assemblages on a long-term scale. Recent studies examining water quality management 

efforts and ecosystem responses to nutrient load reductions like Boynton et al. (2014), 

have completed analyses on water quality and vegetation responses, but impacts on 

bioindicators like ichthyoplankton assemblages have not been adequately addressed. 

Because ecosystems have lag times in recovery or responses to clean up efforts ranging 

from days to years (Boynton et al., 2014), there is a need to understand such impacts on 

ichthyoplankton assemblage structures on long-term scales. Working with long-term data 

sets can be useful in identifying outliers, which can be misleading when interpreting 

ecosystem responses.  

In this study, I specifically address the use of ichthyoplankton assemblage 

structures as an indicator for responses occurring within an ecosystem recovering from 

reductions in wastewater treatment pollution, but also exposed to increasing levels 

urbanization in the surrounding watershed. Using univariate and multivariate statistical 

techniques, I examined long term trends in ichthyoplankton abundance and assemblage 

composition to better understand the impacts of long-term ecosystem responses, and to 

increase the knowledge base to potentially aid future management decisions.  

Study Site 

Gunston Cove, which is a shallow tidal freshwater habitat where the study was 

conducted, has the geomorphology to support large expanses of vegetation unlike the 
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deeper waters of the adjacent main stem of the Potomac River (Jones et al., 2008). An 

alternate stable state change occurred in Gunston Cove in 2005, resulting from reductions 

in wastewater treatment pollution and causing a resurgence of SAV (Jones et al., 2008).  I 

aim to develop a better understanding of how changes in environmental conditions, 

causing increased available vegetated habitat areas, influence the abundance and 

composition of ichthyoplankton assemblages in urbanized freshwater tidal ecosystems.  

Research Questions  

1) How have ichthyoplankton assemblages in shallow tidal freshwater 

habitats changed in response to reductions in wastewater treatment 

pollution? 

2) Have ichthyoplankton assemblages changed in shallow tidal freshwater 

habitats where a stable state shift occurred and not in deeper open 

waters where a state shift did not occur? 

3) Which environmental variables have the most influence on 

ichthyoplankton assemblages in shallow tidal freshwater habitats? 

4) Which species of fish in ichthyoplankton assemblage structures have 

changed the most in response to a stable state shift?  

2.2 Materials and Methods 

2.2.1 Region of Study 
 

Gunston Cove (Figure 2.1) is a shallow tidal freshwater embayment, about 580 ha 

in size, formed by the confluence of Pohick and Accotink sub-embayments (Kraus and 

Jones, 2012; Jones et al., 2008). The waters of Gunston Cove remain affected by tides 
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without the presence of a salinity gradient (Jones et al., 2008). The cove is located just off 

the main stem of the Potomac River, 20 km south of Washington, D.C. (Jones and de 

Mutsert, 2012). Predictable seasonal variations in temperature and flow (Jones et al., 

2008) make Gunston Cove a vital area for fish spawning and juvenile development. 

Tidal freshwater ecosystems, like Gunston Cove, provide habitat for a wide 

variety of fish species, including freshwater, anadromous and estuarine species (Yozzo 

and Diaz, 1999). Many of these species are not only ecologically important, but also 

provide additional economical and recreational benefits.  

    

Figure 2.1 Site Area and Ichthyoplankton and Water Quality Sampling Locations in Gunston Cove, VA. Map indicating the two 
sampling locations, inner cove and main stem stations. Yellow push pins indicate the general locations where ichthyoplankton tows and 
water quality monitoring was conducted. Left Map Source: Wang et al., 2015 
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2.2.2 History of Gunston Cove 
  

Surveys conducted in Gunston Cove in the early 1900s, indicated the presence of 

large expanses of SAV in its flat, shallow waters (Carter et al., 1983; Carter and Rybicki, 

1986). During this time, the waters of Gunston Cove were used extensively for 

recreational and commercial fishing, including seine fisheries targeting river herring 

(Jones, 1984).  However, water quality in Gunston Cove became notably poor around the 

1930s, with surveys indicating a state shift to a degraded condition occurred, 

characterized by no SAV growth, poor water clarity, and high phytoplankton density 

(Carter et al., 1983; Carter and Rybicki, 1986; Jones et al., 1992). Degraded water 

quality, preventing SAV growth, was believed to be largely caused by two sources: 

urbanization and pollution from WWTPs in the watershed (Jones, 1984).  

Carter et al. (1983) documented that there was still no SAV in Gunston Cove in 

the late 1970’s and early 1980’s (Figure 2.2), despite having geomorphological features 

capable of supporting large growths of SAV. Since initial surveys in the 1970s were 

conducted, Gunston Cove has undergone many ecological changes over the course of 

several decades contributing to the overall improvement of health and water quality. The 

previously discussed lack of SAV growth was determined to be caused by high nutrient 

loadings contributing to reduced water quality and a lack of light penetration, which 

persisted in the cove’s waters during the 1980s (Kraus and Jones, 2012). Reductions in 

point source nutrient loadings from wastewater effluent began in the late 1970s, and were 

followed by subsequent improvements in overall water quality (Jones et al., 2008). 

Responses in vegetation during this time were not significant (Jones et al., 2008). 
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Recently, however, there has been a substantial resurgence of once dominant SAV, which 

was noticeable in 2005 (Figures 2.3 and 2.4) (Jones and de Mutsert, 2012).  

The change in dominance state was not a smooth or gradual change, but instead 

was a more abrupt switch in the ecosystem (Jones and Kraus, 2012). According to 

Scheffer et al., (2001) an ecosystem can display resistance to a state shift, which causes a 

tendency for ecosystems to remain in one state unless changes in perturbations or 

conditions are large enough to cause a shift. This state shift, which occurred in 2005, 

from a phytoplankton dominated system to an SAV-dominated system has been seen in 

Gunston Cove (Kraus and Jones, 2012). High phytoplankton abundance can be associated 

with several factors, but high levels of nutrient inputs are the most influential (Jones et 

al., 1992). Because of this relationship, the shift of SAV dominance observed in Gunston 

Cove was influenced by reductions in nutrient loadings and subsequent increases in water 

clarity.   

The state shift has been largely dominated by resurgent growth of the non-native 

species Hydrilla verticillata, which is some areas of Gunston Cove has experienced a 

fourfold increase in habitat coverage (Kraus and Jones, 2012; Jones and de Mutsert, 

2012). In the 1930s, SAV was dominated by several species, including Vallisneria 

americana and Ceratophyllum demersum (Carter and Rybicki, 1986). The resurgence of 

SAV in Gunston Cove has since created new, complex habitats for both fish and 

invertebrates to utilize during feeding, growth and development.   

 Improvements in water quality can be attributed to progresses in the treatment of 

wastewater that has been released into the cove from the Noman M. Cole Jr. Pollution 
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Control Plant since its construction in 1970 (Jones and de Mutsert, 2012). This 

wastewater treatment plant (WWTP) is located just upstream of Pohick Creek, and 

releases treated effluent that subsequently flows into the waters of Gunston Cove (Jones 

and de Mutsert, 2012).  Before technology upgrades of this treatment facility, nutrients 

were not effectively removed from the water before entering the cove (Jones and de 

Mutsert, 2012). As WWTP technologies have improved, the loads of nitrogen, 

phosphorus, chloride, total suspended solids and other output components of the effluent 

have significantly decreased (Jones et al., 2008; Ragsdale, 2007). For example, at Noman 

Cole WWTP the amount of ferric chloride used to remove phosphorus from wastewater 

has decreased from 20 mg/L to 9 mg/L (Ragsdale, 2007). In addition, the average 

concentrations of nitrogen, phosphorus and chloride in released effluent have decreased 

from 19.1 mg/L, 0.15 mg/L, and 20 mg/L in 1984 to 0.04 mg/L, 0.6 mg/L, and 9 mg/L, 

respectively, in 2010 (Ragsdale, 2007; Jones and de Mutsert, 2012). 

While active reductions in point source pollution from the Noman M. Cole Jr. 

WWTP have been made, there has also been a steady increase in urbanization of the area 

surrounding the cove along the same timescale. Urbanization can increase the rates of 

non-point source pollution, since the expansion of impervious surfaces, loss of buffering 

habitat from changes in land-use, and use of fertilizers and pesticides results in higher 

inputs of chemicals, sediments and nutrients from runoff (Jones et al., 2008; Kraus and 

Jones, 2012; Allan and Castillo, 2007).  The magnitude and rate of surface runoff is 

strongly correlated with the amount of impervious surfaces occurring within the 

watershed (Wang et al., 2001). For Gunston Cove, trends in land use around the area 
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have increased with the average human population density of 9.9/ha in 1984 to 12.1/ha in 

1990 (Jones et al., 2008). Studies have shown that the amount of urbanization in the 

surrounding area increases the amount of runoff resulting from storm events and even 

mild precipitation (Wang et al., 2001).  
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Figure 2.2 SAV Bed Density in 1984, Gunston Cove, VA. Map created in ArcMap using USGS aerial imaging data, 
showing no SAV bed growth inside Gunston Cove in 1984.  
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Figure 2.3 SAV Bed Density in 1995, Gunston Cove, VA. Map created in ArcMap using USGS aerial imaging data, 
showing little SAV bed coverage inside Gunston Cove in 1995; primary productivity is still dominated by 
phytoplankton during this state. 
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Figure 2.4 SAV Bed Density in 2005, Gunston Cove, VA. Map created in ArcMap using USGS aerial imaging data, 
showing large SAV bed coverage inside Gunston Cove in 2005 after stable state shift to SAV dominated primary 
productivity.  
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2.2.3 Ichthyoplankton Data 
 

2.2.3.1 Ichthyoplankton Sampling 
 

Ichthyoplankton were sampled from 1993 to 2013 by the Potomac Environmental 

Research and Education Center (PEREC) on a bimonthly basis during a field season 

spanning from March to September. Samples were collected in two main locations, a site 

centrally located within the waters of Gunston Cove and a site located in the main stem of 

the Potomac River (Figure 2.1). These sites will be referred to as the inner cove site and 

the main stem site, respectively. 

A 2m long, 333 micron square mesh zooplankton net fitted with a collection cup 

was used to collect ichthyoplankton. The net has an opening diameter of 0.5m and is 

equipped with a flow meter in the opening of the net to allow measurement of volume of 

water filtered during sample collection. The zooplankton net was towed from a Carolina 

skiff at each sampling location for 6 minutes. Samples collected were depth integrated, 

meaning that the zooplankton net was towed for 2 minutes at three different depths to 

produce one sample. The sampling depths used were near surface, mid-depth and near 

bottom, which are combined together into a sample that represents the complete water 

column. During sample collection, the boat was driven in an arc for roughly 600m, with 

factors like wind and tidal currents dictating the exact tow distances per sample. Towing 

speed was 2 knots, with the net directed away from any wake from the boat. The volume 

sampled was recorded at each tow site using the analog flow meter attached to the mouth 
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of the net. Samples were backwashed into 1 liter bottles and preserved in ethanol (older 

samples were preserved in 10% formalin and stored in ethanol after sorting) and stored in 

GMU laboratories until further processing.  

The original ichthyoplankton assemblage data collected by PEREC spanned 

numerous sampling locations throughout Gunston Cove and the main stem of the 

Potomac River. Stations 7 and 9 were the only consistently sampled stations throughout 

the time period, 1993-2013, and therefore were the only samples used in analysis. An 

analysis of this early multi-station sampling revealed that the study area could be well 

characterized by the two sites included in this study. Ichthyoplankton sample abundances 

were averaged per sampling station, per month, to allow for paired multivariate analyses 

with the environmental data set. 

 

2.2.3.2 Ichthyoplankton Identification and Abundance 
 

Ichthyoplankton samples were sorted and individuals were identified using a 

dissecting microscope and identification guides at George Mason University as outlined 

in Jones and de Mutsert (2012). During the sorting process larvae were initially removed 

from the zooplankton samples and stored in ethanol until identification. Larvae were 

identified to family, and further to the genus or species levels whenever possible. The 

total ichthyoplankton abundance per taxa are calculated per volume of water sampled 

using Equation 2.1 below, where N = number of ichthyoplankton individuals in the 

sample and V= volume of water filtered, (m3). Debris and plant material were closely 

inspected for the presence of adhesive larvae or eggs.  
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𝑰𝒄𝒉𝒕𝒉𝒚𝒐𝒑𝒍𝒂𝒏𝒌𝒕𝒐𝒏   #/𝟏𝟎𝒎𝟑 = 𝟏𝟎𝐍
𝐕

 ;   Eq. 2.1 
 

2.2.4 Environmental Drivers 
 
 The environmental data set used in this study is composed of data collected from 

a variety of sources, spanning many parameters and consolidated into one large dataset. 

Typical water quality parameters were included in the environmental data, as were 

macrozooplankton and microzooplankton. These plankton organisms were included to 

represent ichthyoplankton food abundance as a driver along with the other environmental 

variables. The complete environmental dataset is composed of water quality, 

macrozooplankton, microzooplankton, SAV bed density and Fairfax County human 

population density data. Each of these data types are discussed in detail below.   

Water quality in Gunston Cove was monitored by the PEREC team led by Dr. 

Jones. Temperature, dissolved oxygen and specific conductance were measured in the 

field at the time of ichthyoplankton sample collection at both the inner cove and main 

stem sampling sites (Figure 2.1) using a YSI 6600 multi-parameter datasonde or 

equivalent datasonde. Water samples collected at the same time were processed by the 

Environmental Laboratory of the Fairfax County Department of Public Works and 

Environmental Services, who provided data for pH, chloride, total nitrogen (TN), total 

phosphorus (TP), and total suspended solids (TSS).  

Microzooplankton samples were collected in the field at the time ichthyoplankton 

tows were being conducted. Depth integrated samples were collected by pumping equal 

volumes of water from three depths (bottom, mid-depth, and surface) using a submersible 
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bilge pump. Microzooplankton samples were filtered through a 44 micron mesh filtering 

apparatus, backwashed into bottles and preserved in 10% formalin.  Species abundances 

and identifications were conducted later on preserved samples at PEREC. 

Macrozooplankton samples were collected from the boat using a 2 m long 202 

micron mesh net, with a 0.3 m opening. The net was towed for 3 minutes, at bottom, 

middle and surface depths and combined to create a depth integrated sample. The total 

tow distance was approximately 300 m, with the exact distance varying depending on 

wind and current influences.  Macrozooplankton tows were conducted at the same time as 

the ichthyoplankton tows. 

Macrozooplankton and microzooplankton identifications and abundances were 

determined by PEREC using methods outlined in Jones and de Mutsert (2012) and 

Equation 2.2 below, where N = number of individuals counted, Vs= volume of 

reconstituted sample, (mL), Vc= volume of reconstituted sample counted, (mL), and  Vf = 

volume of water filtered (L or m3). Macrozooplankton abundances are calculated using 

equation 1 in a scale of #/𝑚!. Microzooplankton abundances are calculated using 

equation 1 in a scale of #/L. 

  

𝒁𝒐𝒐𝒑𝒍𝒂𝒏𝒌𝒕𝒐𝒏  (#/𝑳  𝒐𝒓  #/𝒎𝟑) = 𝑵𝑽𝒔
𝑽𝒄𝑽𝒇

;   Eq. 2.2 

 
 
  

Fairfax County human population data were collected from annual census data, 

available online from the Fairfax County Government and the U.S. Census Bureau Data 
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archives. Fairfax County population data were used as an indication of the level of 

urbanization occurring within the watershed of Gunston Cove.   

Aerial imaging data for Chesapeake Bay SAV was collected by the United States 

Geological Survey (USGS) in collaboration with the Virginia Institute of Marine Science. 

The aerial photography was primarily taken at a scale of 1:24,000. These data, which 

include a survey area of Gunston Cove, are accessible online as .e00 ArcInfo files for 

years 1993 – 2009 and ArcGIS .shp files for years 2010 – 2013. Within the ArcMap 

10.3.1 software, the .e00 files were converted to .shp files using the provided conversion 

tools.  After importing the SAV aerial imaging data files into ArcMap, the total SAV bed 

areas for Gunston Cove and the Potomac main stem sampling locations were determined 

for each year using the field calculator function in the attributes table.  These data were 

merged into a master environmental dataset with the watershed human population density 

data, and water quality data to be used in statistical analyses. For the years 2001 and 

2011, aerial imaging was not conducted at Gunston Cove in the VIMS and USGS 

surveys, and values were interpolated and included in statistical analysis. 

Once all environmental parameters were consolidated into one complete 

environmental dataset, it contained missing values for water quality parameters 

(Appendix A), which poses a potential problem for multivariate analyses that cannot 

handle missing data, and comparison with the ichthyoplankton assemblage data. There 

are various reasons for the missing data, including but not limited to broken gear or bad 

sampling conditions. To address this issue, the monthly means of all environmental 

parameters were determined per sampling location, producing one set of observations per 
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sampling location per month for all years. This resulted in a dataset from 1993-2013 

without missing data. 

2.2.5 Preliminary Analyses and Data Pre-treatments 
 

Given the stable state change that occurred in Gunston Cove and discussed above, 

the years sampled were divided into two time periods. The years 1993-2004 are referred 

to as the BEFORE period, and indicate when Gunston Cove primary production was 

dominated by phytoplankton before the state shift occurred. The years 2005-2013 are 

referred to as the AFTER period, and indicates when Gunston Cove primary production 

was dominated by SAV. Analyses were carried out using Primer and PERMANOVA+ 

V.6 software (Clarke and Gorley, 2006), unless noted otherwise.  

I applied an overall pre-treatment data 4th root transformation on the entire 

ichthyoplankton dataset.  A transformation is necessary in order to adjust the weight of 

the contributions of both rare and common species (Clarke and Gorley, 2006). The 4th 

root transformation decreases the contributions of very abundant species and increases 

the contribution of rare species in the dataset. 

 A resemblance matrix was created with the transformed ichthyoplankton data 

using Bray-Curtis similarity coefficients. The resemblance matrix analyzes every pair of 

samples and ranks them based on similarity; a mandatory preliminary step before 

multivariate analyses can be conducted (Clarke and Gorley, 2006). Bray-Curtis 

coefficients are commonly used when working with biological data as it best accounts for 

the nature of biological variability (Clarke and Gorley, 2006).    
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The environmental data were normalized before use in multivariate analyses that 

rely on comparable similarity and difference contributions (Clarke and Gorley, 2006). 

This is necessary because each environmental variable is measured on a different scale, 

for example, total nitrogen is measured in mg/L while temperature is measured in degrees 

Celsius. After these data were normalized, a resemblance matrix using Euclidean distance 

dissimilarity coefficients was created. Euclidean distance dissimilarity coefficients are 

commonly used with environmental data, and are an effective coefficient choice with 

matrices of transformed variables with different individual units of measure (Clarke and 

Gorley, 2006), as is the case in my environmental dataset. 
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2.2.6 Statistical Analysis 
 
 Table 2.1 below provides an outline for the tests, data sources and research 

questions or hypotheses addressed during this project. 

  
Table 2.1 Outline of Analyses. Listing of the statistical analyses performed, the dataset on which each analysis was 
performed, and which research questions or hypotheses were addressed with each statistical analysis. 
Test Used for Analysis Data Used Research Question or 

Hypothesis Addressed 
PERMANOVA Environmental Dataset Is the environment (based on the 

complete set of variables) 
significantly different between 
BEFORE and AFTER periods? 
 

SIMPER  Environmental Dataset Which environmental variables 
mostly contribute to differences 
in the inner cove between the 
BEFORE and AFTER periods? 
 

t-Test Environmental Dataset Are the environmental variables 
contributing to BEFORE-AFTER 
differences significantly different 
between the BEFORE and 
AFTER periods? 
 

t-Test Ichthyoplankton Dataset Is there a significant BEFORE-
AFTER difference in the average 
abundance of fish larvae sampled 
in the inner cove? 
 

PERMANOVA  Ichthyoplankton Dataset Is there a significant BEFORE-
AFTER difference in 
ichthyoplankton assemblages? 
(all samples combined and by 
station) 
 

SIMPER  Ichthyoplankton Dataset Which species were mostly 
responsible for differences in 
inner cove ichthyoplankton 
assemblages between the 
BEFORE and AFTER periods? 

   
Non-metric Canonical Analysis 
of Principal Coordinates 

Ichthyoplankton Dataset and 
Environmental Dataset 

Which environmental variables 
were mostly responsible for the 
differences in ichthyoplankton 
assemblages of the BEFORE and 
AFTER periods? 
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2.2.6.1  Environmental Data Analyses 

 To determine if there was a significant difference in environmental variables 

between BEFORE and AFTER periods at the inner cove location, a main test 

PERMANOVA was conducted using Euclidean distance coefficients, unrestricted 

permutation of raw data, and 999 permutations. The PERMANOVA analysis, using 

permutation methods, tests if simultaneous responses to variables in an analysis of 

variance are driven by one or more factors, and provides a p value test statistic to indicate 

the level of significance (Clarke and Gorley, 2006). For my purposes, this analysis 

examines if the environment (based on environmental variables as described in section 

2.2.4) was significantly different BEFORE and AFTER the stable state shift. The use of 

Euclidean dissimilarity coefficients is discussed above in section 2.2.5.     

In order to determine which specific environmental variables were mostly 

responsible for significant differences found in the above analysis, a SIMPER analysis 

was conducted using Euclidean dissimilarity coefficients. The SIMPER (similarity 

percentages) analysis determines which individual variables are responsible for any 

dissimilarity between the compared groups by examining the role of individual variables 

contributing to the separation between two groups of samples (Clarke and Gorley, 2006). 

The % dissimilarity contribution of each variable indicates how much this variable is 

responsible for the differences found between the compared groups.  

 Post-hoc independent sample t-tests were conducted in Excel v. 2010 on the 

variables that were mostly responsible for environmental differences as identified in the 

above SIMPER analysis. The t-tests were conducted on non-normalized data for the 
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variables SAV Area, watershed human population, TN, TP and TSS between BEFORE 

and AFTER periods at the inner cove sampling location. The independent t-test compares 

the means of two independent groups, using a p-value statistic. These additional tests 

determine whether mean levels of variables mostly responsible for Before-After 

differences were significantly different between BEFORE and AFTER periods because 

the SIMPER analysis does not provide this specific comparison.   

 

2.2.6.2 Ichthyoplankton Data Analyses  

To determine if the abundance of ichthyoplankton sampled at the inner cove 

location between BEFORE and AFTER periods was significantly different, an 

independent t-test was conducted on the untransformed ichthyoplankton data. This test 

was used to investigate if the mean number of larvae collected was different between the 

BEFORE and AFTER periods for the inner cove sampling station.   

To determine if there was a significant difference in ichthyoplankton assemblage 

structures at both inner cove and main stem sampling locations between BEFORE and 

AFTER periods, a pairwise PERMANOVA, was conducted. The PERMANOVA 

analysis, as described in section 2.2.6.1, provided a p value statistic to interpret if the 

ichthyoplankton assemblage structures differed before versus after the stable state shift.    

  A SIMPER analysis, using Bray-Curtis disssimilarity coefficients, was 

conducted on the inner cove ichthyoplankton assemblage data only to determine which 

specific species were contributing most to observed dissimilarities within Gunston Cove. 

The SIMPER analysis is described in more detail in 2.2.6.1.  
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2.2.6.3 Non-metric Canonical Analysis of Principal Coordinates 

To determine the relationship between environmental variables and the 

ichthyoplankton assemblage, two non-metric canonical analyses of principal coordinates 

were conducted using both resemblance matrices for the ichthyoplankton and 

environmental datasets – one with data from both stations combined and another using 

just the inner cove data. The non-metric canonical analysis of principal coordinates 

examines multivariate clouds of points and determines if trends in these clouds are 

strongly correlated with another set of variables (Clarke and Gorley, 2006). This analysis 

determines the relative contribution of environmental variables to BEFORE-AFTER 

differences in ichthyoplankton assemblage structures at both the inner cove and main 

stem locations. In my analysis, this procedure provided a visual representation of each 

ichthyoplankton assemblage sampled, and overlaid the environmental data to determine if 

correlations between the two datasets were present.  

 

2.3 Results 
 

2.3.1 Environmental Changes 
 

 The main test PERMANOVA conducted on the normalized environmental data 

indicated that there was a significant difference in levels of the environmental variables 

investigated BEFORE and AFTER the stable state shift occurred at the inner cove site in 

Gunston Cove (p = 0.0001, t = 3.14).  
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The SIMPER analysis on the environmental data (Table 2.2) determined that the 

five variables contributing the most to differences in the inner cove BEFORE and 

AFTER state shift comparison were the area of SAV cover (SAV Area), TN, human 

population density in the Gunston Cove watershed (Watershed Population), TP, and TSS. 

The biggest contributor to the dissimilarities was the SAV Area, which increased on 

average from 70.78 ha before the state shift to an average of 179.78 ha after the state 

shift. SAV Area contributed 11.81% to the dissimilarities in our comparison. A t-test 

conducted on the mean SAV Area indicated a significant before-after difference in the 

inner cove site (p < 0.001, t = 42.85). Figure 2.5 shows the growth progression of SAV in 

Gunston Cove.  

 

Figure 2.5 SAV Growth. Growth progression in of SAV beds in Gunston Cove. Data collected each year by aerial 
imaging by the USGS in the month of September 
.  

The SIMPER analysis also indicated that the human population density of the 

Gunston Cove watershed contributed 9.91% to the examined before-after dissimilarities 

in the inner cove. Population density was significantly higher after the state shift as 
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compared to before (p < 0.001, t = 17.46). The concentrations of the water quality 

variables that mostly contributed to before-after differences (TN, TP, and TSS) were all 

significantly lower after the state shift as compared to before (Table 2.2). 

Table 2.2 Results from the Environmental SIMPER Analysis and t-tests. Percent contribution of variables that 
contribute most to dissimilarities in the inner cove site of the before (1993-2004) versus after (2005-2013) periods as 
determined with a SIMPER Analysis. The t-tests indicate that the before and after values are significantly different 
from each other.   
Variable Before 

(1993-2004) 
After  
(2005-2013) 

Dissimilarity 
Contribution 

t-test  
p value 

t-test  
t value 

SAV Area (ha) 70.78 179.78 11.81% <0.001 42.85 
TN (mg/L) 2.14 1.57 10.75% <0.001 6.54 
Watershed Population (# of 
people) 

94087.10 1070313.00 9.91% <0.001 17.46 

TP (mg/L) 0.08 0.06 8.48% <0.001 4.12 
TSS 18.21 15.27 8.48% <0.05  2.81 
   
 

2.3.2 Ichthyoplankton Changes 
 

Analysis of the ichthyoplankton revealed that the average larval concentration 

before the state shift was not significantly different than the average larval concentration 

after the state shift (p = 0.433, t = 0.15, SE= 45.64). Total mean larval concentrations for 

the BEFORE and AFTER state shift periods were very similar, with 74.95/m3 and 

79.93/m3 respectively.  

The PERMANOVA analysis of the ichthyoplankton assemblage structures 

however, revealed a significant before-after difference  (p = 0.001, pseudo-F = 6.16). 

Separated by station (inner cove or main stem), there was a significant before-after 

difference in the inner cove (p = 0.002, t = 2.23), but not in the mainstem (p = 0.087, t = 

1.43). In other words, the ichthyoplankton assemblage structures collected inside 

Gunston Cove did change significantly after the state shift from phytoplankton to SAV 

within the cove,  while the ichthyoplankton assemblages sampled in the main stem of the 
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Potomac River (where SAV does not grow) did not. The species that contributed most to 

observed dissimilarities between the before-after ichthyoplankton assemblages sampled 

in the inner cove are shown in Table 2.3.   

The inner cove ichthyoplankton assemblage structures of the BEFORE and 

AFTER periods were 61.85% dissimilar. The species contributing the most to the 

observed dissimilarities was gizzard shad (Dorosoma cepedianum); its increase after the 

state shift contributed 16.38% to the before-after dissimilarity. The increase in Morone 

sp. (Morone americana and Morone saxatilis) concentrations was the second biggest 

contributor to the dissimilarities, with a 11.22% contribution.  

Of the species contributing to the 61.85% dissimilarity in the SIMPER analysis, 

increases in concentrations were exhibited in all but one species (Table 2.3). The 

concentration of blueback herring (Alosa aestivalis) decreased in the inner cove after the 

stable state shift, but this decrease only contributed 3.76% to the dissimilarity of the 

before-after ichthyoplankton assemblage structures.  

Table 2.3 Results from Inner Cove Ichthyoplankton SIMPER analysis. Results indicate which species of the 
ichthyoplankton assemblages are most responsible for BEFORE-AFTER differences. BEFORE refers to a 
phytoplankton-dominated state (1993-2004), AFTER refers to an SAV-dominated state (2005-2013).    
Species BEFORE Average 

Concentration (#/m3) 
AFTER Average 
Concentration (#/m3) 

Dissimilarity 
Contribution 

Gizzard Shad (Dorosoma 
cepedianum) 

6.97 32.27 16.38% 

Morone species - White Perch and 
Striped Bass (Morone americana & 
Morone saxatilis) 

4.12 5.58 11.22% 

Inland Silverside (Menidia 
beryllina) 

0.23 0.34 7.01% 

Yellow Perch (Perca flavescens) 0.27 0.58 5.60% 
Alewife (Alosa pseudohargengus) 1.65 2.61 4.38% 
Blueback Herring (Alosa aestivalis) 2.23 0.25 3.76% 
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2.3.3 Effects of the Environment on Ichthyoplankton 
 

Trends in clustering in the non-metric canonical analysis of principal coordinates 

(Figure 2.6) ordination indicate, based on the relative location of samples of individual 

ichthyoplankton assemblages collected in one month, that there is a clear spatial shift in 

the BEFORE and AFTER samples. Ichthyoplankton assemblage samples collected during 

the phytoplankton-dominated state clustered more towards the top-right of the ordination 

and ichthyoplankton assemblage samples collected during the SAV-dominated state are 

clustered near the bottom left of the ordination (Figure 2.6). When examining the 

placement of the overlayed environmental vectors, several trends are apparent. The 

clustered BEFORE period assemblages are associated with higher levels of TP, TN, and 

macrozooplankton while the clustered AFTER period assemblages are associated with 

higher levels of human population within the watershed, and total SAV Area (Figure 2.6). 

This placement indicates that ichthyoplankton assemblages before the state shift were 

exposed to higher concentrations of TP and TN and higher densities of 

macrozooplankton, and that ichthyoplankton assemblages after the state shift were 

exposed to higher levels of human population density within the watershed and increased 

areal cover of SAV. Other environmental variables in the analysis, such as temperature 

and dissolved oxygen, were not associated with BEFORE-AFTER differences, as 

indicated by the direction of the vector (Figure 2.6). 

Trends in the second canonical analysis of principle coordinates, which included 

only data collected at the inner cove station,  indicated less clear clustering trends in 
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ichthyoplankton assemblages (Figure 2.7). Some loose clustering of BEFORE and 

AFTER period assemblages can be seen along the axis of environmental vectors  FCPOP 

and  SAVAREA, with BEFORE assemblages grouped towards the center left of the 

ordination and AFTER assemblages clustered around the top-center (Figure 2.7).  

 
 

 
Figure 2.6. Non-metric Canonical Analysis of Principal Coordinates.  Ichthyoplankton assemblages (averaged 
assemblages per month, per station location) are indicated with triangles. Blue triangles are ichthyoplankton samples 
collected before the state shift (1993-2004) and orange triangles are samples collected after the state shift (2005-2013). 
Environmental variables are overlaid on the ichthyoplankton assemblages as vectors, where the length of the vector 
indicates the relative contributions of that variable, increasing in the direction towards its label name. Variables can be 
defined as follows COND (conductivity), FCPOP (human population in Fairfax County watershed), CLD (chloride), 
DOSAT (Dissolved Oxygen Saturation) and DOppm (Dissolved Oxygen parts per million). 
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Figure 2.7 Non-metric Canonical Analysis of Principal coordinates Inner Cove.  Inner cove ichthyoplankton assemblages 
(averaged assemblages per month) are indicated with triangles. Blue triangles are ichthyoplankton samples collected before the state 
shift (1993-2004) and orange triangles are samples collected after the state shift (2005-2013). Environmental variables are overlaid 
on the ichthyoplankton assemblages as vectors, where the length of the vector indicates the relative contributions of that variable, 
increasing in the direction towards its label name. Variables can be defined as follows COND (conductivity), FCPOP (human 
population in Fairfax County watershed), CLD (chloride), DOSAT (Dissolved Oxygen Saturation) and DOppm (Dissolved Oxygen 
parts per million). 
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2.4 Discussion 
  

Results from this study indicate that changes in environmental conditions in 

Gunston Cove, associated with reductions in wastewater treatment pollution, have 

significantly influenced the species composition, but not the total abundance, of 

ichthyoplankton assemblages.  The stable state shift that occurred after 2005, causing a 

resurgence in SAV, significantly altered the ichthyoplankton assemblages inside Gunston 

Cove, but not those sampled in the main stem of the Potomac River. When examining the 

geomorphology of these two sampling locations, the deeper waters of the main stem of 

the Potomac River do not penetrate down to bottom sediments, thus limiting the growth 

of SAV (Jones et al., 2008). Because the shallow waters and flat geomorphology found in 

Gunston Cove, it is an ideal environment for SAV growth, it is likely that the differences 

observed in ichthyoplankton assemblages after the system switched to an SAV dominated 

state are influenced by the new habitats the vegetation provides. After 2005, where 

phytoplankton was no longer dominant, SAV bed area significantly increased from 70.78 

ha to 179.78 ha respectively. This dramatic increase further supports the conclusion that 

newly available SAV habitat is a major determinant of species composition in 

ichthyoplankton assemblages after the state shift.   

The area of SAV beds was not the only environmental variable sampled inside 

Gunston Cove that was significantly different after the switch to an SAV dominated state 

occurred. Several of the variables most responsible for environmental differences after 

the switch to a SAV dominated state, were congruent with constituents reduced in 
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wastewater treatment effluent at the Norman M. Cole Jr. Pollution Control Plant starting 

in the late 1970s. Average concentrations of TN, TP, and TSS were significantly lower 

during the SAV dominated state (2005-2013) than the phytoplankton dominated state 

(1993-2004) – findings which are comparable to observed reductions found by Jones and 

Kraus (2008) and Jones and de Mutsert (2012).  

The human population within Fairfax County significantly increased after the 

switch to an SAV dominated state. Human population density can be positively 

correlated with the amount of urbanization and impervious surfaces occurring within a 

watershed (Allan and Castillo, 2007), thus enabling its use as a metric. While 

urbanization significantly increased over time, the decrease in point source pollution still 

apparently dictated the environmental response in Gunston Cove since decreases in TP, 

TN, and TSS and increases in SAV were observed. It is likely that environmental 

pressures in the system from continued increases in urbanization will make further 

reductions of organic material difficult.  

Because ichthyoplankton assemblages in Gunston Cove were significantly 

different after the switch to an SAV dominated state occurred, I investigated the habitat 

preferences for spawning and early life history development for fishes determined to have 

increased or decreased in concentration since the state shift. For species that increased in 

concentration after the switch to an SAV dominated state occurred, a preference for 

vegetated spawning or developmental habitat would indicate that changes in assemblage 

composition are directly due to the resurgence of SAV. For most species, both an 
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increase in assemblage concentration and a preference for vegetated habitats after the 

switch to an SAV dominated state occurred in 2005 was apparent. 

The inland silverside (Menidia beryllina), which increased concentration from 

0.23/m3 to 0.34/m3 after the switch to an SAV dominated state occurred, has a strong 

preference for areas with SAV habitats during larval growth and development. The inland 

silverside spawns demersal eggs equipped with numerous adhesive filaments for 

attaching to vegetation and woody debris. Similarly, yellow perch (Perca flavescens) also 

is reliant on vegetated areas for successful spawning. Yellow perch also increased in 

concentration from 0.27/m3 to 0.58/m3 after SAV dominance was reestablished in 2005. 

Yellow perch spawn adhesive eggs, which stick together in long, floating, ribbon-like 

strands that become entangled on plants and other debris (Lippson and Moran, 1974; 

Jenkins and Burkhead, 2007). The increase in species concentration in the 

ichthyoplankton assemblages for both yellow perch and inland silverside could be a 

direct effect of the resurgence of vegetation and the creation of new habitat types within 

the ecosystem after the alternate stable state shift occurred. These species have an 

obligatory requirement for vegetation during spawning and did not occur at high densities 

in Gunston Cove before 2005, when the growth of SAV was limited due to high 

phytoplankton biomass and turbidity.  

Moronid species (white perch and striped bass) increased in concentration in 

Gunston Cove from 4.12/m3 to 5.58/m3 after the switch to an SAV dominated state 

occurred. While pooled because of difficulty identifying larvae to the species level, white 

perch and striped bass exhibit markedly different life history strategies. Semi-
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anadromous white perch have highly adhesive eggs and a preference for spawning and 

larval development in vegetated or muddy substrates occurring within tidal freshwater 

embayments with lower flow conditions (Jenkins and Burkhead, 1994). Conversely, 

anadromous striped bass have non-adhesive semi-buoyant eggs, and no preference for 

vegetated areas for early life history stage development (Jenkins and Burkhead, 1994; 

Lamprecht et al., 2013). An additional spawning preference for striped bass is moderate 

to high flow conditions. While these are typically uncharacteristic of Gunston Cove, 

historical surveys conducted by the PEREC have determined some presence of striped 

bass larvae in the cove which likely were transported into the cove from the Potomac 

River (Jones and de Mutsert, 2012). Given the habitat characteristics of Gunston Cove, it 

is likely that a large proportion of the moronid larvae that increased in concentration after 

the switch to an SAV dominated state are white perch.  

For the remaining species that showed significant differences in assemblage 

densities before and after the switch to SAV dominance in Gunston Cove, vegetation 

preference in spawning and growth at early life history stages is less apparent. It is likely 

that changes in abundances for the remaining species are being driven by a variety of 

factors, which may interact to influence health and survival of larvae. Gizzard shad 

(Dorosoma cepedianum) was the largest contributor to assemblage dissimilarities after 

the shift to SAV dominance occurred within Gunston Cove. The average concentration of 

gizzard shad inside Gunston Cove before the shift to SAV dominance occurred was 

6.97/m3, and increased to 32.27/m3. Gizzard shad use surface waters for spawning with 

demersal eggs that adhere to debris or vegetation, and only has some preference for 
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spawning over shallow vegetated areas (Jenkins and Burkhead, 2007). Gizzard shad are 

considered a highly tolerant species, and are capable of living in less than ideal 

conditions for prolonged periods of time (Jenkins and Burkhead, 2007, Walsh et al., 

2005).  

Concentration of alewife in ichthyoplankton assemblages increased from 1.65/m3 

during the phytoplankton-dominated state to 2.61/m3 after the switch to an SAV-

dominated state occurred. Alewife, which also show no preference for vegetated habitats, 

spawn semi-buoyant eggs in slower flowing tidal freshwater creeks which only remain 

adhesive for a brief period until water hardening occurs (Jenkins and Burkhead, 2007). 

Alewives are, however, considered are more tolerable of changes influencing 

environmental quality or habitat conditions associated with increased urbanization 

(Klumb et al., 2003). It is likely that the observed increase in alewife concentration 

occurring after the switch to an SAV dominated environment is not due to the resurgence 

in SAV, but instead has increased because it is tolerant of water quality and habitat 

changes associated with the increased urbanization and subsequent non-point source 

pollution also in Gunston Cove after 2005.   

Blueback herring concentration decreased from 2.23/m3 during the 

phytoplankton-dominated state to 0.25/m3 during the SAV-dominated state. Blueback 

herring is   anadromous and spawns pelagic eggs, which are briefly adhesive directly 

after spawning (Jenkins and Burkhead, 2007). It is not likely that the decreased 

abundance of blueback herring was directly caused by the increase in SAV bed area 

within Gunston Cove, but instead is likely that this species is also affected by increased 
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urbanization and subsequent increases non-point source pollution. Typically, blueback 

herring will begin spawning runs three weeks prior to alewife in tidal freshwater river 

systems (Sismour, 1994). Blueback herring is less tolerant than alewife of sudden 

changes in flow regimes, rates which can be exacerbated by increased impervious 

surfaces contributing to augmented volumes of runoff within the watershed (Allan and 

Castillo, 2007; Walsh et al. 2005). According to Allan and Castillo (2007), human 

population and changes in land use patterns can serve as an indicator for ecosystem 

condition and human disturbance. Changes in flow regimes and sedimentation have a 

strong relationship with the amount of impervious surfaces occurring in highly urbanized 

areas, all of which can influence the composition of species in aquatic assemblages 

(Allan and Castillo, 2007).  Additionally, overfishing is a likely factor in the decline of 

blueback herring. A moratorium was placed on both blueback herring and alewife fishing 

in Virginia in 2012 (Atlantic States Marine Fisheries Commission, 2012), to reduce 

harvests of these species that have seen population declines along the Mid-Atlantic since 

the 1970s.  

Drop ring sampling conducted in SAV beds in Gunston cove in 2014 further 

confirms the presence of larval stage species that utilize vegetation for spawning and 

early life history stage development. Several drop  rings were conducted throughout the 

months of April to August and confirm the presence SAV utilizing larval stage species 

like mummichog (Fundulus heteroclitus), smallmouth bass (Micropterus dolomieu), and 

tessellated darter (Etheostoma olmstedi) (Sills, unpublished data). While the 2014 drop 

rings were the first effort at directly sampling SAV for ichthyoplankton in Gunston Cove, 
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the presence of these species at this time is noteworthy because these species are rare or 

absent in ichthyoplankton tows conducted in Gunston Cove.    

Multivariate clustering analyses indicated that ichthyoplankton assemblages were 

in fact different before and after the system switched to an SAV dominated state in 2005. 

These analyses further confirmed that assemblages were likely most influenced by 

increasing trends in SAV bed area and human population density in the watershed and 

decreasing trends in TP, TN and macrozooplankton density. While reductions in TP and 

TN and increases in SAV bed area are concurrent with reduction efforts in WTTP point 

source pollution, observed decreases in macrozooplankton density after the switch to an 

SAV dominated state may be an indirect result from increased water clarity and alteration 

of predator-prey interactions. I hypothesize that improved water clarity after 2005 

increased the effectiveness of visual predators that selectively feed on larger zooplankton, 

thereby significantly reducing macrozooplankton density.  

The increased presence of SAV, created a complex refuge habitat of upright 

vegetation, roots and rhizomes, which can limit the mobility of ichthyoplankton 

predators, as was seen in studies conducted by Wyda et al. (2002). Additionally, visual 

predators, like green sunfish, in Gunston Cove likely benefitted from the sedimentation 

and suspended nutrient buffering capacity provided by SAV, causing an increased 

amount of predation on macrozooplankton. Improvements in water clarity can increase 

the search volume for later larval and juvenile stage fish, increasing the efficiency of prey 

capture (Nunn et al., 2012; Sih et al., 1992).  
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The decreasing trend in macrozooplankton likely did not have a large effect on 

the amount of food available in Gunston Cove for the ichthyoplankton themselves. 

Because ichthyoplankton stage fishes are limited to prey items by the size of their gape, 

with the exception of larger larval fish, most ichthyoplankton in Gunston Cove would 

have been feeding on microzooplankton (>200µm) – which showed no notable trend after 

the system switched to an SAV dominated state. Planktivorous fishes have been 

documented directly influencing the abundance of macrozooplankton communities via 

predation (Luo, 2013).  

Overall, this study found that reduction from point source nutrient loadings in 

Noman M. Cole Jr. WWTP effluent, which contributed to a substantial resurgence of 

SAV in the waters of Gunston Cove, changed the ichthyoplankton assemblages in this 

freshwater tidal ecosystem. These findings are comparable to studies conducted by Tonn 

and Magnuson (1982) in shallow previously eutrophic Lakes in Wisconsin, which share 

comparable geomorphological and environmental conditions to tidal freshwater habitats, 

for example, low flow conditions and long retention times (Jones et al., 1992). Their 

research found alterations in species composition of fish assemblages after increased 

SAV altered the habitat complexity of the lakes similar to trends observed in Gunston 

Cove. Additionally, research from Bayler and Prather (2003) found similar findings to 

those presented in this study. Their research examined recovering eutrophic wetland lake 

habitats, which previously exhibited limited SAV growth due to high phytoplankton 

biomass. Similar to Gunston Cove, Bayler and Prather (2003) found that an alternative 

stable state shift occurred after substantial reductions in nutrient pollution, which resulted 
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in changes in fish assemblage structure and predator controlled reductions in 

macrozooplankton density in shallow lake systems (Bayley and Prather, 2003). 

Furthermore, shallow vegetated eutrophic river habitats examined by Nobriga et al. 

(2005), displayed differences in ichthyoplankton assemblages with an increase in 

productive SAV area.  

 While the concentration of larvae sampled did not change significantly, we found 

significant differences in the relative contribution of species in ichthyoplankton 

assemblages at the inner cove sampling location. Simply observing changes in larval fish 

abundances does not tell a complete story of ecosystem recovery, as was determined by 

findings in Gunston Cove ichthyoplankton assemblages. Similarly, changes in 

assemblage structure with increases in SAV habitat complexity were found by Wyda et 

al., (2002) in two Mid-Atlantic estuaries. Wyda et al.’s 2002 study examined fish 

abundances in addition to assemblage structures, and found that while fish abundances at 

SAV and non-SAV sampling locations did not consistently change, community 

composition between SAV and non-SAV sites did. Studies such as these highlight the 

importance of utilizing not only species abundance analysis methods, but also methods 

that examine assemblage structure that are indicators of changes in the system. Changes 

in species composition or the relative contribution of species in fish assemblages are 

often useful indicators of habitat quality, population dynamics (Wyda et al., 2002; 

Jaureguizar et al., 2004), food web alterations (Bayley and Prather, 2003) and habitat 

structure (Nobriga et al., 2005; Tonn and Magnuson, 1982). 
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While this study provided a comprehensive analysis of the impacts of point source 

reductions on larval fish assemblages in a recovering tidal freshwater embayment, further 

attention should be given to the investigation of non-point pollution.  With urbanization 

expected to increase, improvements in water quality could come to a halt or be reversed. 

Monitoring of the larval assemblages in this freshwater tidal ecosystem should continue 

in the future to provide early indications of such non-point source pollution impacts, 

which is outside the scope of this study. The current study increased our knowledge base 

of how ichthyoplankton assemblages respond in tidal freshwater ecosystems recovering 

from large-scale eutrophication. While several studies discussed and referenced above 

have looked at assemblages in lake systems, this study is one of a few that targeted 

changes in ichthyoplankton assemblages across alternative state shift periods in tidal 

freshwater habitats.  

In summary, this research determined that ichthyoplankton assemblage structures 

differed significantly before and after the state shift occurred in Gunston Cove. Changes 

in species composition in assemblages were influenced by increased SAV area, which 

corresponded to decreased effluent pollution, as noted by the increase in species with 

preference for vegetated habitats for spawning and early stage development.  
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Introduction 
This guide is intended for use in the sorting, processing and identification of 

ichthyoplankton sampled by a variety of methods, including stationary or horizontal tow, 

throw trap, and drop ring methods within the tidal freshwater Potomac River watershed. 

The species featured in this guide are commonly found inhabiting pelagic, shallow creek 

and vegetated areas during early life history stage development, larval growth and 

spawning.  

This guide was developed to not only consolidate the information needed to 

identify species that commonly occur in the tidal freshwater Potomac River watershed, 

but to improve and update the images available for aiding identification with new 

photographs and clear diagrams. The tidal freshwaters of the Potomac River harbors not 

only freshwater, but diadromous, and estuarine species as well due to its highly 

productive waters and ideal nursery habitats for spawning and early life history 

development (Kraus and Jones, 2012; Lippson and Moran, 1974). Typically 

ichthyoplankton identification guides are not entirely inclusive of this variety, or are 

regionally specific and contain an overwhelming account of species found in a broader 

area.  For example, Development of Fishes of the Mid-Atlantic Bight (Manseuti, 1978) is 

a 6 volume atlas of egg, larval and juvenile fishes which contains information on many of 

the fishes seen in the tidal freshwater Potomac, in additional to an overwhelming number 

of marine and estuarine species not seen in the Potomac River.  

Accurately identifying fish during their early developmental stages is essential in 

fisheries ecology as well as for stock management and assessment, because incorrectly 

identifying larvae can lead to the misinterpretation of ecological or biological 
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occurrences, or negatively impact management decisions. The use of many 

morphometric, meristic and pigmentation characters is common, and will be largely 

utilized in this identification guide. Typical identification characters used in this guide 

and many others include pre- and post-anal measurements, myomere counts, and the 

location, concentration and arrangement of pigmentation. While pigmentation patterns 

are used as a definitive characteristic in species level identification, patterns and intensity 

can vary within a species and fade overtime with preservation (Lippson and Moran, 

1974).  

In this guide, identifications are most commonly described to the genus and 

species level. Using basic characteristics, 8 families and 27 species are described. The 

included dichotomous key utilizes the most easily distinguishable characteristics to 

identify a preserved specimen. This resource was created by compiling and consolidating 

existing materials and supplementing older identification sources (i.e. Jones et al., 1978; 

Hardy 1978; Mansueti 1958; Mansueti 1964; Gerlach, 1983; Fuiman et al., 1983) with 

high quality imaging or improved direction or references. For example, Moronid species 

descriptions and illustrations by Mansueti (1958;1964)  were predominately used to 

construct questions 7-14. Species descriptions from Jones et al. (1978) were combined 

with techniques developed by Fuiman et al. (1983) and Gerlach (1983) and updated 

photographs for Cyprinid identification in questions 27-37. For Clupeidae identification, 

a dichotomous key was taken directly from Walsh et al. (2005). Supplemental images and 

illustrations were added to further the clarity and ease of use for the key. Modified 

images were most commonly edited and cropped to focus on a specific size range or 
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anatomical characteristic used in identification. For example, Figure 3.44 was created by 

modifying and combining drawings from two different sources to better show 

developmental features of striped bass at total lengths 7.1-10.mm. Almost all images 

were edited to maximize quality and clarity, especially drawings taken from older 

references. Images that are not cited were photographs taken by Amanda Sills in the Fish 

Ecology Laboratory at George Mason University using Leica MZ125 dissecting 

microscope equipped with a Leica DFC420 camera. Images were captured and process 

and specimens were measured using tools in the Leica Application Suite V3.8 software 

package. 

This guide contains a dichotomous key which can be used to identify a specimen 

to family, genus or species level, with broader family and species descriptions included 

after the key. For some species found in the tidal freshwater Potomac River at juvenile or 

adult growth stages, information about representative larvae maybe lacking, unknown or 

incomplete. These uncommon species were difficult to include in the dichotomous key 

due to knowledge gaps in larval stage characteristics, and were instead listed in the 

similar larvae categories in the species information section. Generally, these specimens 

can be identified to a family level using question 1 in the dichotomous key. Their 

inclusion is to help better guide further research or inquiry for species that cannot be 

clearly identified to genus or species taxonomic levels using the dichotomous key.    

 The tidal freshwaters of the Potomac River provide important spawning and 

nursery habitat for many economically and ecologically important species. Its waters are 

not only utilized by freshwater species for larval growth and development, but there is 



75 
 

also notable use by estuarine and anadromous species like alewife (Alosa 

pseudohargenus), blueback herring (Alosa aestivalis) and striped bass (Morone saxatilis) 

(Lippson and Moran, 1974). The shallow creeks and deeper waters provide suitable 

geomorphological and habitat quality characteristics for early life history stage 

development (Jones and de Mutsert, 2012; Kraus and Jones, 2012).  
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Glossary of Terms 
 
Definitions for each term were compiled from several sources included in the reference 
section. 
 
Adhesive Egg – An egg which adheres on contact to substrate material, vegetation or 
other eggs. 
Air Bladder – A thin walled, saclike, gas-containing organ located dorsally in the 
abdominal cavity of most fishes; used in buoyancy regulation. 
Anadromous – A fish that spawns in rivers but resides in marine environments. 
Anlage   - Rudimentary form of an anatomical structure; primordium.  
Anus – The terminal opening of the digestive tract; also termed vent.  
Auditory Vesicle – Sensory anlage from which the ear develops. 
Barbel – A fleshy protuberance, usually tapered to a point, found predominantly on the 
lip, jaw or head region of some fishes.  
Caudal Fin – The tail fin. 
Cheek – The side of the head below and slightly behind the eye.  
Chromatophore – a pigment-bearing cell imparting color to tissue. 
Cleithrum – The largest bone of the pectoral girdle; located just posterior to the 
opercular opening.  
Demersal Egg – An egg which remains on the bottom, either free or attached to substrate 
material. 
Dorsal Fin - The median fin(s) on the back, supported by spines and rays or rays only. 
Finfold – Median fold of integument which extends along the body of developing fishes 
and from which the median fins arise.  
Genus – A taxonomic category between family and species levels. 
Gill Arch – Bony sickle-shaped or angled structures supporting gills in pharyngeal 
cavity. 
Granular Yolk- Yolk consisting of discrete units of finely to coarsely granular material. 
Integument – Consisting of skin and skin derivatives, including epidermal tissues and 
scales. 
Juvenile – A young fish after attainment of full adult counts or features and before sexual  
maturation. 
Larva – The developmental stage between hatching and the juvenile stage. 
Lateral Line – The pored sensory canal along the side of the body, which can sometimes 
be incomplete, interrupted or absent.  
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Melanophores – A color cell bearing dark pigmentation ranging in color from gray to 
black.  
Myomeres – Dorsoventrally or obliquely oriented, often angled, bundles of muscle 
arranged in series along the side of the body.  
Myoseptum – Connective tissue partitions separating myomeres.  
Nares – Nostril openings.  
Notochord – Longitudinal supporting axis of body which is eventually replaced by the 
vertebral column.  
NL – Notochord Length 
Opercule – The largest bone of the gill cover. 
Oil Globule – Discrete sphere(s) of fatty material within the yolk. 
Pelagic Egg – An egg that floats freely within the water column. 
Pharynx – Located immediately behind the mouth, a continuation of the tube, which 
started at the mouth, containing the gill clefts, through which water flows out of the 
alimentary canal and into the gills.  
Post-anal Myomeres - The number of myomeres between a vertical line drawn from 
posterior margin of vent and the most posterior myoseptum. 
Post Yolk Sac Larva – A larval stage fish which has completely absorbed its yolk sac.  
Pre-anal Myomeres – The number of myomeres between the most anterior myoseptum 
and a vertical line drawn from posterior margin of the vent. This excludes the triangular 
area behind the auditory vesicle and anterior to the first myoseptum.  
PYSL – Post yolk sac larvae 
Standard Length – the distance from the snout to the posterior tip of the notochord 
before flexion and to the posterior tip of the urostyle after flexion. 
SL – Standard Length. 
Stellate – star shaped; having radiating narrow extensions; usually associated with 
pigmentation shape.  
Total Length – The distance from the anterior-most point on a fish to the posterior-most 
point of the caudal fin.  
TL – Total Length.  
Total Myomeres – The sum of pre-anal and post-anal myomeres. 
Vent – General term for anus.  
Yolk – Food reserve of embryonic and early larval stages, usually seen as a yellowish 
sphere diminishing in size as development proceeds.  
Yolk Sac – A bag-like ventral extension of the primitive gut, containing the yolk.  
Yolk Sac Larva – A larval fish characterized by the presence of a yolk sac.  
YSL – Yolk sac larvae 
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Basic Ichthyoplankton Anatomy 
 
The basic anatomy of a larval fish, at both yolk sac and post yolk sac stages is outlined in 
Figure 3.1. Morphologically, a larva will undergo dramatic changes during growth and 
can look markedly different at each stage.  
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
  

Figure 3.1 Prominent Anatomical Features of Ichthyoplankton. A. Lateral view of a recently 
hatched golden shiner, 2.7mm TL; B. Lateral view of a 5 day old preserved larva, 4.6mm TL; C. 
Dorsal view of preserved larva, 8.0mm TL; D. Lateral view of 8.0mm TL golden shiner; E. Ventral 
view of 8.0mm TL golden shiner (Source: Snyder et  al. 1977)  
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Pigmentation placement and patterns vary greatly among species. Typical placement and 
terminology are indicated in Figure 3.2 below.  

 
Figure 3.2 Pigmentation Placement. Indicates the associated terminology and location for pigmentation on 
ichthyoplankton (Source: Re and Meneses, 2009).  
 
 
Different types of measurements are useful when identifying larval fishes to family, 
genus and species levels. The various types of measurements are outlined in Figure 3.3 
below. Total length is the most commonly used measurement for ichthyoplankton. 
 

 
Figure 3.3 Types of Ichthyoplankton Measurements. Various types of measurements used when identifying 
ichthyoplankton (Source: Re and Meneses, 2009). 
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Ichthyoplankton may be assigned to categories based on their progression of growth or 
development of anatomical features. The two most commonly used classification stages 
are the yolk-sac stage and post yolk-sac stage (Figure 3.4). Additional growth stages 
based on the development of the caudal fin are outlined in Figure 3.5. 

 
 

A. Yolk Sac Larva 
Stage occurs from hatch to 

the complete absorption of the 
yolk sac 

 
 

 
 

B. Post Yolk Sac Larvae 
Stage occurs after the 

absorption of the yolk-sac 
to the onset of juvenile 

metamorphosis 
 
 
 
 
 
 
 

C. Juvenile 
Metamorphosis 

Sexually immature stage in 
which morphological,  

physiological, and 
behavioral changes occur, 

typically leading to the 
development of adult 

characteristics such as fin 
rays or scales 

 
 
 
 
 
 

 

A 

B 

C 

Figure 3.4 A, B, C Significant Growth Stages. Figure 4.A example of the yolk-sac growth 
stage in Clupeid larva. Figure 4.B example of post yolk-sac stage atherinid larva. Figure 4.C 
example of juvenile growth stage in cyprinodontid larvae. 
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Figure 3.5 Additional Ichthyoplankton Stage Classifications. Outlines more detailed divisions of 
ichthyoplankton growth and development, partitioning the post yolk-sac stage into more specific sub-
divisions based on development of the caudal fin in Diplodus sargus. (Source: Re and Meneses, 
2009). 
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Ichthyoplankton Sorting and Processing: Helpful Identification 
Characteristics 

 
A search image relying on general shape and size to spot a larval fish in a plankton 
sample can be misleading. Many other plankton and constituents of tow samples will 
contain similarly shaped or sized items that can easily be confused for larval fish, as 
indicated in Figure 3.6 below. Checking the body surface of the specimen in question for 
the presence of myomeres is a quick method to determine if you actually have a larval 
fish (Figure 3.7).  
 

 
 
 

 
 
 
 
 
 

Figure 3.6 Size and Shape as ID Metrics. A larval fish is on the left, and an insect leg of similar shape and size is on the right. 
Looking for myomeres on the body of a specimen can help to confirm identification as a larval fish. 
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Interpreting Myomere Counts 
Myomere counts are frequently used to distinguish species of larval stage fish. The most 
commonly used counts are total, pre-anal and post-anal. Because the number of 
myomeres can change depending on the progression stage of growth, ranges are 
frequently given for species. When pre-anal and post anal counts are given, as is utilized 
whenever possible in the guide below, they are commonly presented in the following 
format: 

Pre-anal myomere count range + post-anal myomere count range 

 
 
 
 
  

Myomeres 
Serial v-shaped muscle segments 

running consecutively along the body of 
early life history stage fish 

Figure 3.7 Myomeres. Examining the body of an item in question for a serial pattern of myomeres is an easy 
way to confirm you have a larval fish. Green arrows indicate a myomere, the blue arrow indicates myosepta, 
separating individual myomeres.  
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Identifying Damaged Larvae 
	  

It is not uncommon for sampled ichthyoplankton to be in less than pristine condition at 
the time of collection or processing. Ichthyoplankton may be damaged in the 
environment through a variety of processes such as predation or scouring, but can also be 
mechanically damaged in the collection process as larvae are very delicate. Depending on 
the extent or location of damage, larvae may still be identified to some taxonomic level 
or, in the broadest sense, classified simply as ichthyoplankton. When examining 
specimens in question, detecting the presence of myomeres is a useful tool. Some 
examples of damaged yolk sac larvae are provided in figure 3.8 and post yolk sac larvae 
in figure 3.9. 
 

 
 
 
 
 
 
 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

A 

A B 

Figure 3.8 A & B Damaged moronid Yolk Sac Larvae. A is significantly damaged, missing the head and entire yolk portions. 
Myomeres are still visible on the body. B has significant damage to the head and yolk-sac portions, but is still identifiable as a larval 
fish. Vent location is clear on both specimens, allowing them to be identified to the family Moronidae. 



85 
 

 
 

 

 

 

 

 

 

 
 
 
 
 
 
 
 

 
 
  
  

Figure 3.9 A & B Damaged Post Yolk Sac Larvae. A has visible myomeres, but damage to the vent, alimentary gut and head 
regions. B has visible myomeres, but extensive damage to caudal fin fold, vent and gut. 

A 

B 
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Identification Guide to Common Tidal Freshwater, Potomac River 
Watershed Ichthyoplankton 

 
1. Vent Location on Body 

a) Placed ¼ of total body length or less, back on body (Figures 3.10-3.12)…….… 
    …………………………………………………………………………………. 2 

 
Atherinidae (silversides) 

Long, slender larvae 
 

n  
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Figure 3.10 Yolk Sac Stage Atherinidae. Green line indicates the location of the vent on the body. 

Figure 3.12 Atherinidae Life Stage Drawings. General representation of yolk sac (left) and post 
yolk sac stage Atherinidae larvae (Modified from Lippson and Moran, 1974). 

Figure 3.11 Post Yolk Sac Stage Atherinidae. Green line indicates the location of the vent on the body. 
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b) 2/5 back on body (Figure 3.13)………………..………………………………3 
 

Cyprinodontidae (killifishes) 
Stubby, robust larvae; in YSL, vent immediately posterior of yolk 

 
 
 
 
 
 
 
 
 
 
 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Figure 3.13 Cyprinodontidae Life Stage Drawings. General representation of yolk sac (left) and post 
yolk sac (right) stage Cyprinodontidae larvae (Modified from Lippson and Moran, 1974). 
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c) Mid-body to 2/3 body length (Figures 3.14 – 3.22) .........…………………….4 
 

Moronidae (temperate basses) 
Large oil globule in anterior yolk sac, moderate myomere count (23-26 total); PYSL have well developed 

mouth, air bladder and uncoiled gut 
 

 
 
 
 
 
 
 
 
 
 

 
 

Figure 3.16 Moronidae Life Stage Drawings. General representation of yolk sac (left) and post yolk 
sac (right) stage Moronidae larva and dominant characteristics (Modified from Lippson and Moran, 
1974).  

Figure 3.14  Yolk Sac Stage Moronidae Larva. Green line indicates the location of the vent. 

Figure 3.15 Post Yolk Sac Stage Moronidae Larva. Green line indicates the location of the vent. 
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Centrarchidae (sunfishes) 
May have single large posterior oil globule in yolk, distinctive air bladder, pigmentation above vent, PYSL 

moderately coiled gut 
 

 
 

 

Figure 3.17 Yolk Sac Stage Centrarchidae larva. Green line indicates the location of the vent.  

Figure 3.19 Centrarchidae Life Stage Drawings. General representation of yolk sac (left) and post 
yolk sac (right) stage larvae and their major characteristics (Modified from Lippson and Moran, 1974).  

Figure 3.18 Post Yolk Sac Stage Centrarchidae larva. Green line indicates the location of the vent 
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Percidae (perches) 
 Total myomere counts 20-30, anteriorly placed oil globule in YSL 

 

 

 
 

Figure 3.20 Yolk Sac Stage Percidae. Green line indicates the location of the vent.  

Figure 3.21 Post Yolk Sac Stage Percidae. Green line indicates the location of the vent.  

Figure 3.22 Percidae Life history Stage Drawings. General representation of yolk sac (left) and post yolk sac 
(right) stage larvae and their major characteristics (Modified from Lippson and Moran, 1974).  
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d) Slightly beyond mid-body or 3/5-4/5 of the distance between the snout and end 
    of the tail (Figures 3.23 – 3.25)……………………………………………..27 
 

Cyprinidae (minnows and carps) 
Can have anteriorly placed spherical yolk sac (Figure 3.95) in very young larvae, pigmentation in rows 

dorso-laterally, mid-laterally and along ventral margin of myomeres 
 
 

 
 
 
 
 
 
 
 
 
 
 

Figure 3.25 Cyprinidae Life History Stage Drawings. General representation of yolk sac (left) and post yolk sac 
(right) stage larvae and their major characteristics. Left image indicates the approximate location if the anteriorly 
spherical yolk sac is present (Modified from Lippson and Moran, 1974).  
 

Figure 3.23 Yolk Sac Stage Cyprinidae. Green line indicates the location of the vent.  

Figure 3.24 Post Yolk Sac Stage Cyprinidae. Green line indicates the location of the vent. 
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e) 2/3 -3/4 back on body (Figures 3.26 & 3.27)………………………………….36 
 

Catostomidae (suckers) 
Long cylindrical shaped yolk, more bulbous in shape anteriorly, variable rows of pigmentation 

 
 

 
 
 
 
 
 
 
 

Figure 3.26 Catostomidae Life History Stage Drawings. General representation of yolk sac (left) and post yolk sac 
(right) stage larvae and their major characteristics (Modified from Lippson and Moran, 1974).  
 

Figure 3.27 Yolk Sac Stage Catostomidae. Green line indicates the location of the vent. 
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f) Vent placed well posterior on body (Figures 3.28-3.30) …......………….… 39 
 

Clupeidae (herrings) 
Long, slender larvae; anal fin posterior to dorsal fin 

 

 
 
 
 
 
 
 
 
 
 
 

Figure 3.29 Post Yolk Sac Stage Clupeidae. Green line indicates the location of the vent.  

Figure 3.28 Yolk Sac Stage Clupeidae. Green line indicates the location of the vent. 

Figure 3.30 Clupeidae Life History Stage Drawings. General representation of yolk sac (left) and post yolk sac (right) 
stage larvae and their major characteristics (Modified from Lippson and Moran, 1974).  
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2.  a) YSL or PYSL, Large stellate melanophores on brain, over head (Figure 3.31 &  
3.32).……………………………………....Atlantic silverside (Menidia menidia) 
b) YSL or PYSL, Small melanophores on brain, over head (Figure 3.31 and 3.32).      
    …………......………………………...….inland silverside (Menidia beryllina) 

            
 
 
3.  a)  YSL or PYSL, snout longer than diameter of pupil (Figure 3.33)……….…….. 

    …..………….…………………………banded killifish (Fundulus diaphanus) 
b)  YSL or PYSL snout shorter than diameter of pupil (Figure 3.33)……………...  
      ………………………………...……….mummichog (Fundulus heteroclitus) 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
  

Figure 3.32 Silverside Head Pigmentation Drawings.  The inland 
silverside (Menidia beryllina), left, has small melanophores located on the 
head in a pyramid or scattered pattern. The Atlantic silverside (Menidia 
menidia), right, has large stellate melanophores on the head in a scattered 
pattern. Drawings represent specimens at around 4.0mm TL (Source: 
Lippson and Moran 1974). 

Figure 3.31 Inland Silverside 
Head Pigmentation. Small, 
rounded pigments in a scattered 
pattern on the head of a yolk-sac 
stage preserved specimen (Menidia 
beryllina). 

0.813 mm 

Figure 3.33 Fundulus Snout and Eye Measurements. Example of eye diameter (red) and snout length 
(yellow) measurements. The preserved specimen has an eye diameter of 1.01mm and a snout length of 
0.813mm indicating that is it a mummichog (Fundulus heteroclitus). 
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4.  a) YSL or PYSL with myomere count 17-22 + 16-21 OR YSL with large stellate 
    chromatophores over yolk-sac and in conspicuous double row ventrally 
    between anus and tip of tail (Figures 3.34 and 3.35) OR PYSL with  
    pigmentation on head, jaws, dashed line of melanophores mid-laterally, and  
    double row ventrally between anus and tip of tail (Figure 3.35)……..………...5 

 

 
 
 

b) Myomere count not in 17-22 + 16-21 range or pigmentation not matching that 
     in Figures 3.34 and 3.35……………………..………….……………..……… 6 

5. a) YSL or PYSL, high myomere count 17-22 + 16-21…………………………….. 
                 ………………………………….......………...yellow perch (Perca flavescens) 

b) YSL or PYSL, myomere count not in range of 17-22 + 16-21, matches 4a  
     pigmentation description…….…..…tessellated darter (Etheostoma olmstedi) 

6.  a) Myomere count in 8-12 + 9-13 range AND/OR YSL with oil globule present in 
                anterior portion of yolk sac (Figure 3.36)………………..………….………… 7 

b) Myomere count not in 8-12 + 9-13 range AND/OR YSL with oil globule  
    present in posterior portion of yolk sac or absent (Figure 3.37)………………15 

 
 
 
 
 
 

Figure 3.37 Oil Globule Located Posteriorly in Yolk Sac. Preserved 
gizzard shad (Dorosoma cepedianum) example indicated a large, 
posteriorly located oil globule within the yolk sac. 

Figure 3.34 Large Stellate Chromatophores Over 
Yolk-sac. Ventral view of preserved Etheostoma 
olmstedi. 

Figure 3.35 Double Row of Ventral 
Chromatophores. Conspicuous pattern of two rows of 
chromatophores ventrally located between the anus and 
the tip of the tail. Ventral view of preserved 
Etheostoma olmstedi. 

Figure 3.36 Oil Globule Located Anteriorly in Yolk Sac. Preserved moronid species examples on right and left indicate 
a large, anteriorly located oil globule. 
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7.     2.0 - 2.9 mm TL...…………….…………………………………………………8 
    3.0 - 3.5 mm TL..…………….………………………………………..………...9 
    3.6 – 4.9 mm TL ……………..……………………………………...……….. 10 
    5.0 - 7.0 mm TL.……………….……………………………………..………..11 
    7.1 – 10.0 mm TL……………….…………………………………………......12 
    10.1 – 14.0 mm TL.……………………………………………………………13 
    14.1 – 20.0 mm TL.……….…………………………………………….……..14 
8.  a) Large yolk sac present with large round or irregularly shaped anteriorly placed  
     oil globule projecting anterior beyond the head and eye; straight back…...……. 

    ………….…………………….……….……….striped bass (Morone saxatilis)  
 b) Large yolk sac present with large round oil globule beneath or behind eye  
     position; arched back; pigmentation may be present on ventral edges of hind 

    gut and trunk (Figure 3.38)….……...……….white perch (Morone americana) 
 
 
 
 

 
 
 

Figure 3.38 Early Development of White Perch, (Morone americana). General features in larvae smaller 
than 3.0mm TL. (Source: Manseuti, 1964)  
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9.  a) Large yolk sac present with large round or irregularly shaped anteriorly placed 
    oil globule projecting anteriorly beyond the head and eye; straight back (Figure 
    3.39)…………………………………………...striped bass (Morone saxatilis) 
 
 
 
 
 
 
 
 
 
 
b) Reduced rectangular shaped yolk sac, pigment present on head, anterior region  
    of oil globule, posterior region of yolk sac, along ventral edged of hind gut and  
    trunk, stellate melanophores scattered on side of tail (Figure 3.40)…………….. 
    .........................……………………………white perch (Morone americana) 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

  

Figure 3.39 Early Development of Striped Bass, (Morone saxatilis) 3.0-3.5mm TL. Drawing left (Source: Manseuti, 1958) and image right show 
irregularly shaped anteriorly placed oil globule which projects before the head and eye. 

Figure 3.40 Early Development of White Perch (Morone americana) 3.0-3.5mm TL. Rectangular 
shaped yolk sac and pigmentation patterns (Source: Manseuti, 1964).  
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10.  a) Large yolk sac present with large round or irregularly shaped anteriorly placed 
    oil globule projecting anteriorly beyond the head and eye; straight back;  
    unpigmented eyes (Figure 3.39)……………….striped bass (Morone saxatilis) 
b) Yolk sac absent or nearly so, elongated body shape, air bladder and alimentary 
    canal visible, pigmented eyes, anterior placed head pigmentation absent, 
    pigmentation present over abdomen (Figure 3.41)………………………………  
   ……………………………………………….white perch (Morone americana) 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Figure 3.41 Development Characteristics of White Perch (Morone americana) 3.6-4.9mm TL. (Modified from: 
Manseuti 1964, Lippson and Moran 1974, and Hardy, 1978).  
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11. a) Yolk sac present, spatulate and rounded tail, melanophores along ventral 
     surface of body and  digestive tract, on chin and yolk sac (Figure 42)………… 
    …………………………………………..……. striped bass (Morone saxatilis) 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
b) Yolk sac absent, elongated body shape (Figure 3.43)……………………….…..  
     ……………………………………………...white perch (Morone americana) 
 

 
 
 
 
 
 

Figure 3.43 General Post Yolk Sac Developmental Characteristics of White Perch Morone americana 
5.0-7.0mm TL. (Modified from Manseuti, 1964).  

Figure 3.42 Development Characteristics of Striped Bass Morone saxatilis 5.0-7.0mm TL. The left most drawing shows the ventral view of 
chin and posterior yolk sac. (Modified from Manseuti, 1958 and Lippson and Moran, 1974). 
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12.  a) Yolk sac absent or nearly so, pigmentation extended along the ventral portion 
    of the body along the upper surface of the air-bladder, branched melanophores  
    evident on side of head, lower jaw and along lateral portions of the tail and  
    behind anus (Figure 3.44)………………….......striped bass (Morone saxatilis) 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
b) Yolk sac absent, advanced development in fin and body features, deep caudal 
     peduncle, thick and deep trunk, differentiation of soft dorsal, anal, and 
     heterocercal-like caudal fins, pectoral fins evident (Figure 3.45)……………… 
    ........................................................................white perch (Morone americana) 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Figure 3.44 General Developmental Characteristics of Striped Bass (Morone saxatilis) 7.1-10.0mm 
TL. (Top image modified from Manseuti, 1958, bottom image modified from Lippson and Moran, 1974).  

Figure 3.45 General Development Characteristics of White Perch Morone Americana 7.1-10.0mm TL. 
(Modified from Manseuti, 1964). 
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13.  a) Post yolk sac larva, notochord curved dorsally in the area of the urostyle, well 
    developed caudal fin rays, pigmentation extending along the ventral portion of  
    the body, over air bladder and tail, anus and head regions (Figure 3.46)……….. 
    ……........………………………………………striped bass (Morone saxatilis) 
 
 
 
 
 
 
 
 
 
 
 
 
 
b) Well developed post yolk sac larva, with deep caudal peduncle, short and deep 
     body and head, slender larvae, sparse pigmentation (Figure 3.47)……………... 
     ………...……………………………………white perch (Morone americana) 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Figure 3.46 Developmental Characteristics of Striped Bass Morone saxatilis 10.1-14.0mm TL. 
(Modified from Lippson and Moran, 1974).  

Figure 3.47 Developmental Characteristics of White Perch Morone americana 10.1 – 
14.0mm TL. (Modified from Manseuti, 1964).  
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14. a) Undergoing or near completion of juvenile metamorphosis, caudal fins 
    differentiated with the last fin segmented with 2 – 3 anal spines; melanophores  
    concentrated heavily on head, sides of abdomen, posterior along body to the  
    anus and tail (Figure 3.48)……..….…………...striped bass (Morone saxatilis) 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

 
 
 
 
 b) Near completion or completed metamorphosis, deep body, short caudal 

    peduncle, little to no pigmentation, advanced fin development, scales present  
   (Figure 3.49)……………...………….………white perch (Morone americana) 

 
 

 
 
 

Figure 3.48 Developmental Characteristics of Striped Bass Morone saxatilis 
14.1-20.0mm TL. (Modified from Manseuti, 1958). 

Figure 3.49 Developmental Characteristics of White Perch Morone Americana 14.1-20.0mm TL. 
(Modified from Manseuti, 1964).  
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15.  a) YSL or PYSL with pigmentation spot above anus on both sides of body 
    (Figures 3.50 and 3.52) AND/OR PYSL with anus well posterior to pigmented  
    air bladder (Figure 3.51)…………………..………...…………………….…. 16 
 
 
 
 
 
 
 
 
 
 
 
 

 
 
 
 
 
 
 
 
 
 
 
 

 
 
b) No pigmentation spot above anus, anus located close to air bladder…………24 

16.  a) Yolk sac present……………………………………………………………….17 
 b) Yolk sac absent or nearly so………………………………..…………………22 
17.  a) YSL 4.4mm TL or smaller…………………………………………………….18 
 b) YSL 4.5mm TL or larger………………………………………...……………20 
18. a) YSL myomere count 10+21 AND/OR  dark eye pigmentation and lemon 

     shaped yolk sac..…………………………….. bluegill (Lepomis macrochirus)  
 b) YSL myomere count larger or smaller than 10+21 range AND/OR faint eye 

     pigmentation…………………………………..……………………………..19 
19.  a) YSL myomere count 10-13+17-21, faint eye pigmentation and nostrils  
     developed….//…………………………….. pumpkinseed (Lepomis gibbosus) 
 b) YSL myomere count 11+16-17, faint eye pigmentation………………………... 

     …………..………………………………...green sunfish (Lepomis cyanellus) 
 
  

Figure 3.52 Pigmented Air Bladder. Large 
pigmentation spots located over the air bladder in 
preserved Lepomis species.  

Figure 3.50 Pigment Spot Above Anus. Example of dark pigmentation spot on Lepomis species 
located above the anus, location indicated by the green line.  

Figure 3.51 Ventral View of Pigment 
Spot Above Anus. Example of pigment 
spot from ventral view, which shows it 
appearing on both sides of the body 
above the anus. Location is indicated by 
the green line.  
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20.  a) YSL myomere count 10+21 AND prominent pigmentation blotch over gut near 
    anus, prominent row of melanophores ventrally posterior to anus along mid- 
    lateral line, chromatophores present in dorsal and ventral body walls…………..  
    ...........................................................................bluegill (Lepomis macrochirus) 
b) YSL myomere count larger or smaller than 10+21 AND/OR pigmentation 
    patterns do not match those described in 20a…………………………………21 

21.  a) YSL myomere count10-13+17-21 AND pectoral fins well formed, 
    melanophores ventrally between anus and tail, pigmentation on air bladder  
   (Figure 3.51), some melanophores on head…pumpkinseed (Lepomis gibbosus) 

 b) YSL myomere count 11+16-17 AND/OR pigment over dorsal air bladder 
    (Figure 3.51), on head; stellate melanophores on dorsum, ventral part of yolk  
    sac……………………….…………………green sunfish (Lepomis cyanellus) 

22. a) PYSL  or nearly so with myomere count 10+21 AND heavy pigmentation over  
     air bladder (Figure 3.51) and on head.……...…bluegill (Lepomis macrochirus) 
 b) PYSL or nearly so with myomere count larger or smaller than10+21….….…23 
23.  a) PYSL or nearly so with myomere count 11-13+15-17 AND faint pigmentation 

    over dorsal air bladder, heavy pigmentation forming a blotch on the head……... 
    ……………………………………………...green sunfish (Lepomis cyanellus) 
b) PYSL or nearly so with myomere count 12+19 AND/OR large pigmentation 
    spots on top of head above eye and small rounded melanophores (Figure 3.55) 
    on breast present or absent….………………pumpkinseed (Lepomis gibbosus) 

24. a) Yolk sac present……………………………………………………………….25 
 b) Yolk sac absent or nearly so…………………………………………………..26 
25. a) YSL with myomere count 13-14+14-17 and many large stellate 

    chromatophores (Figure 3.54) on top of head, heavy pigmentation in area  
    where lateral line will form…...bluespotted sunfish (Enneacanthus gloriosus) 
b) YSL with myomere count 10+19 and body covered with chromatophores 
     concentrated on head, over gut and on body between the anus and caudal  
     base……………………………….smallmouth bass (Micropterus dolomieui) 

26.  a) PYSL or nearly so with myomere count 10-11+19-22 AND dense body 
pigmentation on head, lips, opercle, and on body between anus and caudal base 
(Figure 3.53)…..………..................smallmouth bass (Micropterus dolomieui) 

 

Figure 3.53 Post Yolk Sac Smallmouth Bass Pigmentation. Indicates the dense pigmentation on head, lips and 
opercle, and body between the anus and caudal fin of preserved smallmouth bass.  
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 b) PYSL or nearly so with many large stellate chromatophores (Figure 3.54) on  
      top of head, scattered on upper sides of body, heavy pigment in area where  
      lateral line will form, indefinite  row of chromatophores ventrally between  
      anus and tail,  some  pigmentation on opercle………………………………….. 

    ………………….…………..... bluespotted sunfish (Enneacanthus gloriosus) 
 
 

 
 
 
 
 
 
 
 
 
 
 
 

 
 
 

27. a) Yolk sac present……………………………………………………………….28 
 b) Yolk sac absent or nearly so……………………………………………….….32 
28.  a) Yolk sac elongated…………………………………………………………….29 
 b) Yolk sac shaped oval anteriorly and cylindrical posteriorly AND Y shaped  
      branching pigment pattern extending over opercle towards eye……………..31 
29. a) Dense body and head pigmentation…………………………………………30 
 b) Sparse body pigmentation, with single band of ventral melanophores and some  
     scattered pigment over a yolk sac lacking an oil globule (Figure 3.56)………… 

    …………………………………………...spottail shiner (Notropis hudsonius) 
 
 
 
 
 
 
 
 
 
 
 

 
 Figure 3.56 Yolk Sac Stage Spottail Shiner Notropis hudsonius Pigmentation. Single band of ventral body melanophores and 

scattered pigmentation spots indicated by the green lines in preserved specimen.  

Figure 3.54 Stellate Chromatophore 
Pigment. Example of stellate 
chromatophores over the surface of the 
yolk sac of a preserved tessellated darter 
(Etheostoma olmstedi). 

Figure 3.55 Rounded Melanophore Pigment. Example of 
rounded melanophore pigments shown here on the head of a 
preserved inland silverside (Menidia beryllina). 
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30. a) YSL with fin fold constriction in the area of future caudal peduncle, pigment 
    over air bladder, in double series across dorsal surface and terminating  
    anteriorly in scattered group over head, in single row along mid-lateral body,  
    gut, venter and mid-lateral yolk (Figure 3.57)…………………………………... 
    ……………………………..…Eastern silvery minnow (Hybognathus regius) 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
b) YSL without finfold constriction in area of future caudal peduncle, double  
     series of pigments along dorsal surface, in single row across mid-lateral body  
     and mid-lateral yolk (Figure 3.57), scattered pigment on head………………… 
     ……………………………………..golden shiner (Notemigonus crysoleucas) 

31. a) YSL with round pigments along dorsal and ventral edge of notochord, pigment 
     in double or triple series on dorsal surface of intestine, extending beyond vent  
     to tip of notochord, dense pigmentation on body, opercle and air bladder….….. 
     …………………………………………………...goldfish (Carassius auratus) 
b) YSL with pigment running in lines across lateral, dorsal and ventral body  
     surface, melanophores posteriorly on head, over air bladder and in region of  
     urostyle…………………………………………………carp (Cyprinus carpio) 

32. a) PYSL or nearly so, with pigment on side of head in Y shaped pattern extending 
     across the opercle towards the eye AND dense pigmentation on head………33 
b) PYSL or nearly so, with absence of pigment on side of heard in Y shaped  
    pattern extending across the opercle towards the eye………….………….…..34 

33. a) PYSL or nearly so, with pigment on side of head in Y shaped pattern on  
     opercle with both branches of Y shape equally intense in pigmentation, and the  
       lower branch extending slightly further anteriorly than the upper branch (Figure  
     3.58b)…………….………………………………...….. carp (Cyprinus carpio) 

 

Figure 3.57 Mid-ventral Line of Chromatophores on Yolk-Sac. Green 
line indicates a mid-ventral line of chromatophores over a preserved 
specimen’s yolk-sac. This pattern is typical of both Eastern silvery minnow 
and golden shiner larvae. 
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b) PYSL or nearly so, with pigment on side of head in Y shaped pattern on 
    opercle, with upper branch slightly more intense and anteriorly forward than  
    lower branch of Y pigment (Figure 3.58a)……….goldfish (Carassius auratus) 

34.  a) Presence of triangular shaped pigment blotch on head AND sparse lateral body 
    pigmentation AND/OR presence of incipient rays in caudal, dorsal, anal and  
    pectoral fins with reduced finfold…………..……………………………………  
    ………………………………..Eastern silvery minnow (Hybognathus regius) 
b) Heavy lateral body pigmentation AND pigmentation over air bladder……….35 

35. a) PYSL or nearly so, double row of melanophores running along mid-dorsal line 
     into dense pigment patch over head, single row of pigment running ventral  
     across the body and extending into the caudal region AND chromatophores on  
     opercle and lower jaw AND/OR prominent blackspot at caudal base…………. 
     …………………………………………..spottail shiner (Notropis hudsonius) 
b) PYSL or nearly so, mid-ventral row of melanophores along abdomen and 
     scattered on breast, mid-dorsal and lateral body pigmentation, scattered  
     pigments on lower lip and opercle AND/OR melanophores in V-shape at the  
     end of urostyle……..………….…. golden shiner (Notemigonus crysoleucas) 

36.  a) Yolk-sac present.………………………..……..………..…………………….37 
b) Yolk-sac absent, or nearly so.…………………….………………………..….38 

37.  a) YSL myomere count 27-29+5-9 and/or melanophores over yolk-sac and ventral  
      tail at hatch, Y shaped pattern of melanophores on head, rows of melanophores  
      along body  (Figure 3.59)………….……...… quillback (Carpioides cyprinus) 
  

Figure 3.58 Opercle and Dorsal Head Pigmentation Patterns in Carp Cyprinus carpio and Goldfish 
Carassius auratus.  A represents opercle pigmentation in goldfish, in which the top branch of the Y 
extends slightly anterior to the bottom branch which is less intensely pigmented. B represents opercle 
pigmentation in carp, in which the top and bottom branches are of equal pigmentation intensity and the 
lower branch of the Y extends slightly further anteriorly than the top branch (Source: Gerlach, 1983). 
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b) YSL with three rows of melanophores along body and narrow into one row at 
                caudal fin, clear stripe of  melanophores on head (Figure 3.59)………………… 

    ……..…...…………………………….creek chubsucker (Erimyzon oblongus) 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

38. a) PYSL with myomere count 27-30+5-10 AND Y shaped pattern of 
    melanophores on head, melanophores along gill arches, opercular and branchial  
    regions, and on lips and nares (Figure 3.59)….Quillback (Carpioides 
cyprinus) 
b) PYSL with clear stripe pattern of melanophores on head, dark lateral line 
    pigment, chromatophores throughout body with a single row along the 
    vertebral column (Figure 3.59)..…….Creek chubsucker (Erimyzon oblongus) 

39.   3.1–5.0 mm NL......................................................................................................40 
      5.1–6.0 mm NL or SL............................................................................................42 

6.1–7.0 mm NL or SL............................................................................................46  
7.1–8.0 mm NL or SL............................................................................................51  
8.1–9.0 mm NL or SL............................................................................................55  
9.1–10.0 mm NL or SL..........................................................................................59  
10.1–11.0 mm NL or SL........................................................................................64  
11.1–12.0 mm NL or SL........................................................................................68 
12.1–13.0 mm NL or SL........................................................................................72 
13.1–14.0 mm SL...................................................................................................76  
14.1–15.0 mm SL...................................................................................................80  
15.1–16.0 mm SL...................................................................................................84  
16.1–18.0 mm SL...................................................................................................88  
 
 

 
 

Figure 3.59 Catostomidae Head and Body Pigmentation. Top: Preserved 
quillback (Carpioides cyprinus), head pigmentation in broad Y-Shape, rows of 
melanophores. Bottom: Preserved creek chubsucker (Erimyzon oblongus), clear 
patch or strip of missing pigment on head with location indicated by green line.  
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40.   a) Yolk sac with large posterior oil globule (Figure 3.62), supracaudal 
      melanophores absent (Figure 3.60)……gizzard shad (Dorosoma cepedianum) 

  
 

b) Yolk sac without large posterior oil globule (Figure 3.63), supracaudal 
     melanophores present (Figure 3.61) or absent (Figure 3.60) ………………...41 
 

 
 
 
 
 
 
 
 
 
 
 

 
 

Figure 3.62 Gizzard Shad Oil Globule. Posteriorly located oil globule in two preserved gizzard shad (Dorosoma cepedianum) 
specimens. The left gizzard shad is newly hatched, while the right gizzard shad shows more development.  

Figure 3.63 Yolk-sac Without Oil Globule. Preserved clupeid specimen with 
large yolk sac containing no oil globule. 

Figure 3.60 Caudal Melanophores. Clupeid caudal fin indicating the presence 
of supracaudal and infracaudal pigmentation. Small, dark pigmentation spots are 
observed at the location of the green arrows. 

Supracaudal 

Infracaudal 

Figure 3.61 Supracaudal Melanophores Absent. Clupeid caudal 
fin indicating a lack of supracaudal pigmentation. No dark 
pigmentation spots are observed in the location below the green 
arrows 
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41.       a) Supracaudal melanophores generally present (Figure 3.61)…………………….. 

    …………………………………………..……alewife (Alosa pseudoharengus)  
b) Supracaudal melanophores generally absent (Figure 3.60)……….......................  
    ……………………………………………blueback herring (Alosa aestivalis) 

42. a) Large, well-defined yolk sac present ................................................................43 
b) Yolk sac absent or nearly so .………………...…………………….……..…..44  

43.       a) Yolk sac with large posterior oil globule (Figure 3.62), supracaudal 
    melanophores absent (Figure 3.60)..…..gizzard shad (Dorosoma cepedianum)  

  b) Prominent yolk sac (i.e., very early stage larvae) without large posterior oil 
    globule (Figure 3.63), supracaudal pigment present or absent (Figure 3.61 and 
    3.60)………………………………………..… hickory shad (Alosa mediocris) 

44.  a) PL/SL ≥ 0.86, supracaudal pigment absent (Figure 3.60)..................................... 
   ……….…………………………...…… gizzard shad (Dorosoma cepedianum)  
b) PL/SL ˂ 0.86 ....................................................................................................45  

45. a) Supracaudal pigment usually present (Figure 3.61), ventral pigment posterior to  
     cleithrum appears angular (Figure 3.64 and Figure 3.65)….................................. 

    ………………………………………………. alewife (Alosa pseudoharengus)  
 

 
 

 
 
b) Supracaudal pigment usually absent (Figure 3.60), ventral pigment posterior to 
    cleithrum appears as a rounded arc (Figure 3.64)…………………..…................ 
    …………………………………………….blueback herring (Alosa aestivalis)  

46.  a) Yolk sac present ................................................................................................47 
b) Yolk sac absent .................................................................................................48  

47.  a) Oil globule present in posterior of yolk sac (Figure 3.62), supracaudal pigment 
    absent (Figure 3.60)................................gizzard shad (Dorosoma cepedianum) 
b) Yolk sac without posterior oil globule (Figure 3.63), supracaudal and 
     infracaudal pigment present (Figure 3.48)........hickory shad (Alosa mediocris)  

48.  a) PL/SL ≥ 0.86..........................................gizzard shad (Dorosoma cepedianum) 

Figure 3.64 Ventral Pigment, Posterior to Cleithrum. 
Generalized schematic of ventral pigment posterior to 
cleitherum on larval clupeids. The pattern on most larvae is 
rarely complete. (Source: Walsh et al. 2005). 

Figure 3.65 Alewife Ventral Pigment Posterior to 
Cleithrum. Example of the ventral pigment pattern found 
posterior to the cleithrum on a post yolk sac stage clupeid. 
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b) PL/SL ˂ 0.86 ....................................................................................................49  
49.  a) Supracaudal pigment usually present (Figure 3.61) .........................................50 

b) Supracaudal pigment generally absent (Figure 3.60), ventral pigment posterior 
     to cleithrum appears as a rounded arc (Figure 3.64)  
    .………………………………………........blueback herring (Alosa aestivalis)  

50.  a) Ventral pigment posterior to cleithrum appears angular and diverges in straight  
      lines (Figure 3.64 and 3.65).…..……...…..... alewife (Alosa pseudoharengus) 

b) Ventral pigment posterior to cleithrum consists of two straight rows of 
     melanophores that do not converge at the cleithrum (Figure 3.64)......................  
      ……………………………………………….hickory shad (Alosa mediocris) 

51.  a) Very early stage larvae with prominent yolk sac present, yolk sac without 
     scattered melanophores on ventral surface……………………………………... 
     ………………………………………….. American shad (Alosa sapidissima) 
b) Yolk sac absent or nearly so..…........................................................................52  

 
52.  a) Dorsal rays present (4–7), PL/SL , 0.86…..blueback herring (Alosa aestivalis) 

b) Dorsal rays absent.………………………………………..…….……….........53  
53.  a) PL/SL ≥ 0.86..........................................gizzard shad (Dorosoma cepedianum)  

b) PL/SL ˂ 0.86..........................................................…………………………...54  
54.  a) Yolk sac fully absorbed, ventral pigment posterior to cleithrum appears angular 

    and diverges in straight lines (Figure 3.64 and Figure 3.5), supracaudal pigment  
    (Figure 3.61) usually present…………………alewife (Alosa pseudoharengus)  

      b) Yolk sac not fully absorbed, or if fully absorbed ventral pigment posterior to 
     cleithrum consists of two straight rows of melanophores that do not converge  
     at the cleithrum (Figure 3.64), supracaudal and infracaudal pigment present 
     (Figure 3.61).....................................................hickory shad (Alosa mediocris)  

55.  a) Dorsal rays present.....………….………………………………….………......56  
b) Dorsal rays absent..............................................................................................57 

56.  a) ˃ 6 Dorsal rays............................................blueback herring (Alosa aestivalis) 
b) ≤ 6 Dorsal rays..............................................................................................….57 

57.  a) PL/SL ≤ 0.85 (mean = 0.83).............................alewife (Alosa pseudoharengus)  
b) PL/SL ≥ 0.86..........................................gizzard shad (Dorosoma cepedianum)  

58.  a) Yolk sac present, yolk sac without scattered melanophores on ventral surface 
    ……….………………………………….. American shad (Alosa sapidissima) 
b) Yolk sac absent, ventral pigment posterior to cleithrum consists of two straight 
     rows of melanophores that do not converge at the cleithrum (Figure 3.64), 
     supracaudal and infracaudal pigment present (Figure 3.61)……………………. 
     …………………………………………......…hickory shad (Alosa mediocris)  

59.  a) Anal rays present (5–14)............................ blueback herring (Alosa aestivalis)  
b) Anal rays absent.................................................................................................60  

60.  a) Yolk sac present..........................................American shad (Alosa sapidissima)  
b) Yolk sac absent..................................................................................................61 

61.  a) Dorsal rays present.............................................................................................62  
b) Dorsal rays absent….………………..………...hickory shad (Alosa mediocris) 
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62.  a) Angle of lower jaw ≥ 40° (Figure 3.66), mandible long, supracaudal and 

   infracaudal pigment present (Figure 3.61), ventral pigment posterior to 
   cleithrum consists of two straight rows of melanophores that do not converge at  
   the cleithrum (Figure 3.64)….…………………hickory shad (Alosa mediocris)  
 
 
 
 
 
 
 
 
 
 
 
b) Angle of lower jaw ˂ 40° 
(Figure 

3.66)…………………................................63  
63.  a) PL/SL ≤ 0.85 (mean = 0.83), supracaudal pigment present (Figure 3.61)............  
                ……………………………..…………………alewife (Alosa pseudoharengus) 

b) PL/SL ≥ 0.86, supracaudal pigment absent (Figure 3.60).................................... 
     ...………………………………………gizzard shad (Dorosoma cepedianum)  

64.       a) Late-flexion to postflexion stage (Figure 3.67), 9–15 anal rays, PL/SL  
     ˂  0.86…….…...………………………… blueback herring (Alosa aestivalis) 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

 
 

Figure 3.66 Clupeid Lower Jaw Angle. Generalized 
schematic of the angle of the lower jaw in larval 
clupeids (Source: Walsh et al. 2005). 

Figure 3.67 Late-Flexion to Post-Flexion Tail. Caudal region of preserved clupeid larva 
indicating late-flexion to post-flexion developmental state. The urostyle is angled at or 
almost to 45 degrees. 
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b) Preflexion to early-flexion stage (Figure 3.68), anal rays absent…………….65  
 
 
 
 
 
 
 
 
 
 
 
 
 
 

 
 
 

 
65.       a) Early-flexion stage ...........................................alewife (Alosa pseudoharengus)  

b) Pre-flexion stage (Figure 3.68) …………….....................................................66  
66.  a) Angle of lower jaw ≥ 40° (Figure 3.66), supracaudal and infracaudal pigment 
                present (Figure 3.48), ventral pigment posterior to cleithrum consists of two  
     straight rows of melanophores that do not converge at the cleithrum (Figure  
     3.64)…………………………………………...hickory shad (Alosa mediocris)  

b) Angle of lower jaw ˂ 40° (Figure 3.66), caudal pigment present or absent 
    (Figures 3.47 and 3.48), ventral pigment posterior to cleithrum not as above….. 
     ………………………………………………………...................................... 67  

67.  a) PL/SL ≥ 0.86, supracaudal pigment absent (Figure 3.60)………………………. 
    ………....................................................gizzard shad (Dorosoma cepedianum) 
b) PL/SL ˂ 0.86, scattered melanophores present on snout and along dorsal 
     midline of head, supracaudal pigment present (Figure 3.48), infracaudal  
     pigment present or absent (Figure 3.48), ventral pigment posterior to cleithrum 
     consists of two double curved rows of melanophores that converge at the 
     cleithrum (Figure 3.64).........…………….American shad (Alosa sapidissima)   

68.  a) Anal rays ˃ 12.............................................blueback herring (Alosa aestivalis)  
b) Anal rays ˂ 12 ..................................................................................................69  

69.  a) Late-flexion to postflexion stage (Figure 3.67)…………………………………. 
    ………………………………………..............alewife (Alosa pseudoharengus) 
b) Pre-flexion to early-flexion stage (Figure 3.68)................................................70  

70.  a) Angle of lower jaw ≥ 40° (Figure 3.66), supracaudal and infracaudal pigment 
       present (Figure 3.48), ventral pigment posterior to cleithrum consists of two  
    straight rows of melanophores that do not converge at the cleithrum (Figure 

Figure 3.68 Pre-Flexion Tail. Preserved clupeid caudal region indicating the pre-flexion 
developmental state. The urostyle is straight. A slightly curved upward urostyle would 
indicate the early-flexion developmental stage.  
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     3.64)……………………………………………hickory shad (Alosa mediocris) 
            b) Angle of lower jaw ˂ 40° (Figure 3.66), caudal pigment present or absent, 

    ventral pigment posterior to cleithrum not as above .........................................71 
71.       a) PL/SL ≥ 0.86, supracaudal pigment absent (Figure 3.60)………………………. 

    ………………........................................gizzard shad (Dorosoma cepedianum)             
 b) PL/SL ˂ 0.86, scattered melanophores present on snout and along dorsal  
     midline of head, supracaudal and infracaudal pigment present (Figure 3.48), 
     ventral pigment posterior to cleithrum consists of two double-curved rows of  
     melanophores that converge at the cleithrum (Figure 3.64)............................... 
     …………………………………………...American shad (Alosa sapidissima)  

72.   a) Postflexion stage (Figure 3.67) …....................................................................73 
 b) Preflexion (Figure 3.68) to flexion stage..........................................................74  

73.  a) 1–2 Large, internal reticulate melanophores on dorsal aspect of notochord at 
    the level of the nape.....................................blueback herring (Alosa aestivalis)  

            b) Notochord melanophores absent…….……….alewife (Alosa pseudoharengus)  
74.  a) Angle of lower jaw ≥ 40° (Figure 
3.66)…….........................................................  

    …………………………………………..…….hickory shad (Alosa mediocris)  
b) Angle of lower jaw < 40° (Figure 3.66)............................................................75 

75.  a) PL/SL ˂ 0.85, scattered melanophores present on snout and along dorsal 
    midline of head, supracaudal pigment and infracaudal pigment present (Figure  
    3.61), preflexion to early-flexion stage (Figure 3.68), anal rays ˂10, PL/SL ˂  
    0.85, ventral pigment posterior to cleithrum consists of two double- curved  
    rows of melanophores that converge at the cleithrum (Figure 3.64) 
   ……………….………………….……….. American shad (Alosa sapidissima)  
b) PL/SL ≥ 0.85, late-flexion stage (Figure 3. 67) anal rays usually ˃ 10………….  
    …………………………………………gizzard shad (Dorosoma cepedianum) 

76.  a) Postflexion stage (Figure 3.67) …………………….........................................77 
b) Flexion stage .………………………………………………………................79  

77.       a) PL/SL ˃ 0.85, dorsal pigment absent, anal rays ˃ 20 ........................................... 
    …………………………………………gizzard shad (Dorosoma cepedianum) 

            b) PL/SL ˂ 0.85, dorsal pigment present or absent, anal rays ˂ 20…...................78 
78.  a) 1–2 Large, internal reticulate melanophores on dorsal aspect of notochord at 

    the level of the nape.....................................blueback herring (Alosa aestivalis)  
b) Notochord pigment absent................................alewife (Alosa pseudoharengus) 

79.       a) Angle of lower jaw ≥ 40° (Figure 3.66), 12–13 anal rays..................................... 
    ……….………………………………………..hickory shad (Alosa mediocris) 
b) Angle of lower jaw ˂ 40° (Figure 3.66), 8–12 anal rays, scattered 
    melanophores present on snout and dorsal aspect of head……………………… 
    …………………………………………....American shad (Alosa sapidissima)  

80.       a) Anal rays 24–32.....................................gizzard shad (Dorosoma cepedianum)  
b) Anal rays ˂ 20 .................................………………………..…………..….....81 

81.  a) Dorsal body pigment present ............................................................................82  
b) Dorsal body pigment absent or restricted to base of dorsal fin …....................83  
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82.  a) 1–2 Large, internal reticulate melanophores on dorsal aspect of notochord at 

    the level of the nape.....................................blueback herring (Alosa aestivalis)  
b) Notochord pigment absent................................alewife (Alosa pseudoharengus)  

83.  a) Angle of lower jaw ≥ 40° (Figure 3.66)............hickory shad (Alosa mediocris) 
b) Angle of lower jaw ˂ 40° (Figure 3.66), 5–20 melanophores along base of  
    dorsal fin, snout and head with scattered melanophores…………….………….  
    ....................................................................American shad (Alosa sapidissima)  

84.  a) Dorsal body pigment moderate to heavy ………………………….……..…..85  
b) Dorsal body pigment absent to light ……………………………...………….86 

85.  a) Dorsum generally appears heavily pigmented with two rows of reticulate 
                 melanophores extending down the dorsal midline from the nape to the caudal  
      peduncle, 1–2 large, internal reticulate melanophores on dorsal aspect of 

     notochord at the level of the nape………..blueback herring (Alosa aestivalis)  
b) Dorsum generally appears moderately pigmented with a hint of two rows of 

                 melanophores down the midline, 1–3 pairs of internal melanophores on base of  
      notochord…..………………………………...alewife (Alosa pseudoharengus) 
86.        a) Anal rays ˃ 25………………………...gizzard shad (Dorosoma cepedianum) 

 b) Anal rays ˂ 20 .................................................................................................87 
 

87.        a) Angle of lower jaw ≥ 40° (Figure 3.66)...........hickory shad (Alosa mediocris)  
 b) Angle of lower jaw ˂ 40° (Figure 3.66), 5–20 melanophores along base of 
     dorsal fin, snout and top of head with scattered melanophores  
      ………...............................................….. American shad (Alosa sapidissima)  

88.   a) Anal rays ˃ 25.......................................gizzard shad (Dorosoma cepedianum)  
 b) Anal rays ≤ 25 ......................…………………………………………………89  

89.   a) Angle of lower jaw ≥ 40° (Figure 3.66)...........hickory shad (Alosa mediocris)  
 b) Angle of lower jaw ˂ 40° (Figure 3.66) ..........................................................90 

90.   a) Cluster of melanophores present between orbit and operculum, 5–20 
       melanophores along base of dorsal fin, top of skull well pigmented, 1–3  
      stellate melanophores along anal fin base……………………………………… 

     …………………………………………...American shad (Alosa sapidissima)  
 b) Not as above …….…………………………………………………...............91  

91.   a) Dorsum generally appears heavily pigmented with two rows of reticulate 
     melanophores extending down the dorsal midline from the nape to the caudal  
     peduncle, 1–2 large, internal reticulate melanophores on dorsal aspect of 
     notochord at the level of the nape…………lueback herring (Alosa aestivalis)  
 b) Dorsum generally appears moderately pigmented with a hint of two rows of  
     melanophores down the midline, 1– 3 pairs of internal melanophores on base 
     of notochord…………………………………alewife (Alosa pseudoharengus) 
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Species Information 
 

Family:	  Atherinidae	  Silversides	  	  
Atherinidae larvae are often long and slender, with a vent located 1/4 of total body length 
or less back on the body (Page and Burr, 1991; Lippson and Moran, 1974; Martin and 
Drewry, 1978). Typically the pre-anal finfold is missing or reduced in size compared to 
other families of fish (Lippson and Moran, 1974). In the later stages of larval 
development, atherinids will develop two dorsal fins (the first dorsal fin is reduced in 
size), and a long anal fin (Lippson and Moran, 1974). Eggs are characterized by long 
adhesive filaments, often attached in densely packed clusters on the surface of the egg 
(Martin and Drewry, 1978, Lippson and Moran, 1974). Some hybridization has been 
reported between the inland silverside (Menidia beryllina) and the Atlantic silverside 
(Menidia menidia); however, information on the identification of hybrid larvae is limited 
(Martin and Drewry, 1978).  
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Inland silverside Menidia beryllina (Figures 3.69 & 3.70) 
Type of Egg: Demersal and adhesive; attached to vegetation and debris 
Egg Size: 0.78-0.87mm  
Egg Characteristics: One enlarged adhesive filament, with 5 or more fine 
filaments; several 
large and fine oil globules 
Spawning Times: Mid-May- August  
Environment Type: Freshwater and brackish water (Page and Burr, 1991) 
Size at Hatch: 3.5-4.0mm TL  
Yolk Sac Stage Size Range: hatch – 4.5mm TL  
General Yolk Sac Stage Characteristics: Young larvae will have 3-11 
melanophores over the brain on the head and some melanophores clustered above 
the gut. Inland silversides have smaller pigmentation spots on their heads than 
Atlantic silversides. 
Post Yolk Sac Stage Size Range: 4.5mm - ~20mm TL  
General Post Yolk Sac Stage Characteristics: Pigmentation is present along the 
gut and notochord. A single large melanophore on the opercular area, and small 
melanophores on head. 
Juvenile Stage Length: ~20mm TL – 30 – 40mm SL 
Similar Larvae: Atlantic silverside (Menidia menidia), banded killifish 
(Fundulus diaphanus), mummichog (Fundulus heteroclitus) 
 
 
 
 
 

 
 
 

Figure 3.69 Inland Silverside Menidia beryllina Egg Characteristics. Drawings of egg characteristics at 
varying developmental stages (Modified from Lippson and Moran, 1974). 
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Figure 3.70  Inland Silverside Menidia beryllina. Drawing of yolk and post yolk sac stages (Modified from 
Lippson and Moran, 1974 and Martin and Drewry, 1978). 
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Atlantic Silverside Menidia menidia (Figures 3.71 & 3.72) 
 Type of Egg: Demersal and adhesive, with threads, to attached to vegetation and 

debris  
 Egg Size: 1.0-1.2mm 

Egg Characteristics: Patch of 40 or more adhesive threads equal in size; 5 or 
more large oil globules with several small oil globules 

 Spawning Times: March – August  
 Environment Type: Estuarine and Tidal Freshwaters  
 Size at Hatch: 3.8-5.0mm TL  
 Yolk Sac Stage Size Range: hatch size - ~5.5mm TL  

General Yolk Sac Stage Characteristics: Slender body shape with long tail and 
tapering body; anus just posterior to the yolk sac; variable pigmentation on dorsal 
head and body surface.  
Post Yolk Sac Stage Size Range: ~5.5 – 20mm TL 
General Post Yolk Sac Stage Characteristics: Caudal rays apparent around 
5.5mm TL with abundant melanophores on dorsal head and trunk regions; large 
stellate melanophores on head; at 11-12mm TL, dorsal melanophores are arranged 
in two irregular parallel rows and melanophores along base of anal fin rays. 
Juvenile Stage Length: 20mm TL – between 50-88mm SL 
Similar Larvae: Inland silverside (Menidia beryllina), banded killifish (Fundulus 
diaphanus), mummichog (Fundulus heteroclitus)  
 
 
 
 

 

Figure 3.71 Atlantic Silverside Menidia beryllina Egg Characteristics. Drawings of egg characteristics at varying 
developmental stages  (Modified from Lippson and Moran, 1974). 
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Figure 3.72 Atlantic silverside Menidia menidia. Drawings of yolk sac and post yolk sac stages, (Source: Lippson 
and Moran, 1974). 
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Family: Cyprinodontidae Killifishes 
Cyprinodontid larvae are generally more robust and stubby in body shape than the 
atherinids (Lippson and Moran, 1974; Hardy, 1978). The vent is located 
approximately 2/5 distance back on the body, immediately anterior to the yolk sac 
(Lippson and Moran, 1974). At the point of hatch, larvae will have an already 
developed caudal fin, with rays, and will have well pigmented bodies (Lippson 
and Moran, 1974; Hardy, 1978). Post yolk sac stage larvae will have one dorsal 
fin and a small mouth (Lippson and Moran, 1974; Hardy, 1978; Page and Burr, 
1991), but there is documentation of both banded killifish (Fundulus diaphanus) 
and mummichog (Fundulus heteroclitus) with both anal and dorsal fin rays 
partially or fully developed before the end of the yolk sac stage (Hardy, 1978).  
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Banded Killifish Fundulus diaphanus (Figures 3.73 and 3.74) 
 Type of Egg: Adhesive with filaments  
 Egg Size: 2.0mm 

Egg Characteristics: Covered in an outer layer of adhesive filaments; contains 
numerous small oil globules 

 Spawning Times: April – September  
 Environment Type: Freshwater and Brackish  
 Size at Hatch: 5.0-5.5mm TL  

Yolk Sac Stage Size Range: Hatch size – ~7.1mm TL 
General Yolk Sac Stage Characteristics: At 5.6mm, larvae will have a 
moderate yolk sac with the head slightly deflected, and a body longer and more 
slender than the mummichog (Fundulus heteroclitus). The snout is longer than the 
diameter of the pupil. No melanophores on caudal finrays.  Pigmentation on the 
ventral portion of the yolk, head, and lightly over all of the body. 
Post Yolk Sac Stage Size Range: ~7.1m – 12.3mm TL 
General Post Yolk Sac Stage Characteristics: Body coverage with stellate 
chromatophores, except below the stomach; snout is longer than the diameter of 
the pupil. 
Juvenile Stage Length: ~12.3mm TL – 50mm SL 
Similar Larvae: Mummichog (Fundulus heteroclitus), Atlantic silverside 
(Menidia menidia), inland silverside (Menidia beryllina)  
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Figure 3.73 Banded Killifish Fundulus diaphanus 
Egg. Drawing of filament covered egg entangled in 
algae (Source: Hardy, 1978). 
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Figure 3.74 Banded Killifish, Fundulus diaphanus. Drawings of yolk and post yolk sac developmental 
stages (Modified from Lippson and Moran , 1974).  
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Mummichog Fundulus heteroclitus (Figures 3.75 & 3.76) 
 Type of Egg: Non-filamentous, deposited over vegetation or mud  
 Egg Size: 2.0mm 

Egg Characteristics: Similar in appearance to banded killifish (Fundulus 
diaphanus); surface covered in adhesive filaments, yolk is clear-yellowish in 
color and contains many small oil globules. 

 Spawning Times: April-August  
 Environment Type: Freshwater and Brackish water  
 Size at Hatch: 4 - 5.0mm TL  
 Yolk Sac Stage Size Range: Hatch size – between ~7 – 10.0mm TL 

General Yolk Sac Stage Characteristics: Immediately after hatching, larvae 
have a large yolk-sac and deflected head. The snout is shorter than the diameter of 
the pupil. Numerous small melanophores present on the caudal finrays, ventral 
portion of the yolk sac, and top of the head.  
Post Yolk Sac Stage Size Range: Between ~ 7 – 10.0mm to 16mm TL 
General Post Yolk Sac Stage Characteristics: The origin of the dorsal finfold is 
well posterior to the origin of the anal finfold. At 9.0mm TL, the dorsal finrays 
begin to appear. Heavier body pigmentation overall than that of the banded 
killifish.  
Juvenile Stage Length: 16.0-25.4mm TL 
Similar Larvae: Banded killifish (Fundulus diaphanus), Atlantic silverside 
(Menidia menidia), inland silverside (Menidia beryllina)  
 
 
 

   
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Figure 3.75 Mummichog Fundulus heteroclitus Egg and Early Larvae Development. 
Drawings indicating egg and early larvae development (Modified from Lippson and Moran, 
1974). 
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Figure 3.76 Mummichog Fundulus heteroclitus. Drawings of yolk and post yolk sac developmental stages (Modified from 
Lippson and Moran, 1974). 
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Family: Moronidae (Temperate Basses)  
Moronidae larvae have a vent located slightly posterior to the mid-body and a single large 
oil globule located anteriorly in the yolk sac (Lippson and Moran, 1974; Hardy, 1978). 
Post yolk sac stage larvae will have an obvious air bladder and an uncoiled gut, setting 
them apart from centrarchid larvae (Lippson and Moran, 1974). While striped bass 
(Morone saxatilis) larvae are typically slightly larger at all developmental stages than 
white perch (Morone americana), distinguishing between the two remains difficult 
(Hardy, 1978; Page and Burr, 1991). Because variation in moronid characters commonly 
used in identification from preservation methods, genetic variability or environmental 
exposure can be responsible for erroneous identification, additional methods beyond the 
scope of this key, described by Olney et al. have been used successfully in Potomac River 
moronids (Olney et al., 1983). Such methods rely on osteological characters and clearing 
and staining techniques to distinguish between white perch and striped bass (Olney et al., 
1983).  Striped bass is an economically and recreationally important species.  
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White Perch Morone americana (Figures 3.77 & 3.78) 
Type of Egg: Demersal, adhesive with suctioning disk, found attached to grass, 
rocks or debris 

 Egg Size: 0.65-1.09mm  
Egg Characteristics: Thick capsule, containing single large amber colored oil 
globule and lightly granulated yolk mass; adhesive disk may be present; 
frequently covered in debris 
Spawning Times: Late March to late July, with eggs released in multiple periods; 
principal spawning events occurring in April and May  
Environment Type: Tidal freshwater to brackish environments, can be semi-
anadromous or non-migratory  
Size at Hatch: 1.7mm – 3.0mm TL, on average 2.6mm  
Yolk Sac Stage Size Range: Hatch size – to between 3.4 to 3.9mm  
Yolk Sac Stage Myomere Count: 11-14 + 10-12  
General Yolk Sac Stage Characteristics: Oil globule present in the anterior 
portion of the large yolk-sac. Larvae generally hatch with no  or sparse body 
pigment. With growth, pigmentation develops on the head and the anterior region 
of the oil globule and ventral edges of the hind gut.  
Post Yolk Sac Stage Size Range: Between 3.4-3.9mm TL – 19.0mm TL  
Post Yolk Sac Stage Myomere Count: 11-13 + 12-13  
General Post Yolk Sac Stage Characteristics: Pigmentation becoming 
progressively sparse with growth  
Juvenile Stage Length: 19mm or greater  
Similar Larvae:  striped bass (Morone saxatilis), bluespotted sunfish 
(Enneacanthus gloriosus), redbreast sunfish (Lepomis auritus), green sunfish 
(Lepomis cyanellus), pumpkinseed (Lepomis gibbosus), bluegill (Lepomis 
macrochirus), longear sunfish (Lepomis megalotis), redear sunfish (Lepomis 
microlophus), smallmouth bass (Micropterus dolomieui), largemouth bass 
(Micropterus salmoides), black crappie (Pomoxis nigromaculatus), tessellated 
darter (Etheostoma olmstedi), yellow perch (Perca flavescens) 
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Figure 3.77 White Perch Morone americana Egg and Early Larvae. Drawings indicating egg and 
early larvae development (Modified from Lippson and Moran, 1974). 
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Figure 3.78 White Perch Morone americana. Drawings of yolk and post yolk sac developmental stages 
(Modified from Lippson and Moran, 1974 and Hardy, 1978). 
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Striped Bass Morone saxatilis (Figures 3.79 and 3.80) 
 Type of Egg: Semi-buoyant or pelagic eggs, non-adhesive  
 Egg Size: 1.2-3.9mm  

Egg Characteristics: Large perivitelline space and thin capsule layer; single 
large oil globule 

 Environment Type: Typically anadromous, brackish to some tidal freshwater  
 Size at Hatch: 2.0-3.7mm TL  
 Yolk Sac Stage Size Range: Hatch size – 5.0mm TL  

Yolk Sac Stage Myomere Count: 8-12 + 9-15, counts change slightly with 
ontogeny and growth; at 4.5-5.2mm TL 8-12 + 12-14, at 5.5-5.8mm TL 8-12+ 14-
15  
General Yolk Sac Stage Characteristics: Head is attached to yolk-sac at 
hatching, and oil globule is present in the anterior portion of the yolk-sac. 
Pigmentation is concentrated on the dorsolateral aspects of the head, over the oil 
globule and in an irregular pattern on the tail, trunk and mid-line body portions. 
Stellate chromatophores form in heavy concentration along the dorsal peritoneal 
wall, yolk-sac, gut and posterior two thirds of body. 
Post Yolk Sac Size Range: 5.0mm TL - ~20mm TL  
Post Yolk Sac Stage Myomere Count: 11-13 + 11 - 13 
General Post Yolk Sac Stage Characteristics: Melanophores along ventral part 
of body,  upper surface of air bladder, branching alongside of head, and on lower 
jaw. Pigmentation is more intense at earlier developmental stages.  
Juvenile Stage Length: ~17-20mm TL or longer 
Similar Larvae:  white perch (Morone americana), bluespotted sunfish 
(Enneacanthus gloriosus), redbreast sunfish (Lepomis auritus), green sunfish 
(Lepomis cyanellus), pumpkinseed (Lepomis gibbosus), bluegill (Lepomis 
macrochirus), longear sunfish (Lepomis megalotis), redear sunfish (Lepomis 
microlophus), smallmouth bass (Micropterus dolomieui), largemouth bass 
(Micropterus salmoides), black crappie (Pomoxis nigromaculatus), tessellated 
darter (Etheostoma olmstedi), yellow perch (Perca flavescens) 

Figure 3.79 Striped Bass Morone saxatilis Egg. Drawings indicating egg early and late development 
(Modified from Lippson and Moran, 1974). 
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Figure 3.80 Striped Bass Morone saxatilis. Drawings of yolk and post yolk sac stage development 
(Modified from Lippson and Moran, 1974). 
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Family: Centrarchidae (Sunfishes) 
 

Centrarchidae is the second largest family of North American freshwater fishes (Jenkins 
and Burkhead, 1993). Centrarchid larvae have a vent located slightly anterior to the mid-
body (Lippson and Moran, 1974). A single, large oil globule will typically be located 
posteriorly in the yolk sac (Lippson and Moran, 1974; Hardy, 1978). Newly hatched 
larvae show poor development, and lack pigmentation (Hardy, 1978). Gut coiling occurs 
to varying degree with growth, and the shape and compaction of the gut depends on the 
genus (Figure 3.81). Micropterus species exhibit a massively coiled gut, while Lepomis 
species exhibit an elongated, s-shaped gut (Lippson and Moran, 1974; Hardy, 1978). 
Additionally, member of the genus Lepomis will have a characteristic pigmentation spot, 
occurring above the anus (Hardy, 1978). All sunfish species exhibit nest building, with 
males spending a variable duration of time guarding the eggs (Hardy, 1978; Page and 
Burr, 1991). Many nests are constructed near vegetated areas (Hardy, 1978). There can 
be substantial hybridization occurring with many centrarchid species and hybrids cannot 
be distinguished during the larval developmental stages (Jenkins and Burkhead, 1993).  

 
 
 
 

 
 
 
 
 
 
 
 
 
 

Figure 3.81 Centrarchidae Family, Gut Coiling. Gut coiling differs between Lepomis and Micropterus species, 
as indicated. For Mictropterus species, the gut is massively coiled, while it is elongated and s-shaped in Lepomis 
species. Ab labels the air bladder. (Modified from Lippson and Moran, 1974). 
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Bluespotted Sunfish Enneacanthus gloriosus (Figures 3.82 and 3.83) 
 Type of Egg: Demersal and fairly adhesive 
 Egg Size: 0.9mm 

Egg Characteristics: Spherical in shape, containing multiple large and small oil 
globules  

 Spawning Times: March to September  
 Environment Type: Freshwater  
 Size at Hatch: 2.0-3.2mm TL 
 Yolk Sac Stage Size Range: Hatch size – 6.0-7.0mm TL  
 Yolk Sac Stage Myomere Count: 13-14 + 14-17 

General Yolk Sac Stage Characteristics: At the point of hatch, some 
pigmentation present on the yolk; eyes are unpigmented. At 4.15mm TL, there is 
a pigmentation band extending ventrally beyond the anus, chromatophores above 
and below the gut near the anus, over the yolk-sac and the head. 
Post Yolk Sac Stage Size Range: 6.0-11.08mm TL  
General Post Yolk Sac Stage Characteristics: Larvae are anteriorly stocky, 
with a well coiled gut. At 9.75mm TL numerous stellate chromatophores present 
on the top of the head and heavy pigmentation where the lateral line will later 
form. 

 Juvenile Stage Length: 11.08mm TL or longer  
Similar Larvae:  striped bass (Morone saxatilis), white perch (Morone 
americana), redbreast sunfish (Lepomis auritus), green sunfish (Lepomis 
cyanellus), pumpkinseed (Lepomis gibbosus), bluegill (Lepomis macrochirus), 
longear sunfish (Lepomis megalotis), redear sunfish (Lepomis microlophus), 
smallmouth bass (Micropterus dolomieui), largemouth bass (Micropterus 
salmoides), black crappie (Pomoxis nigromaculatus), tessellated darter 
(Etheostoma olmstedi), yellow perch (Perca flavescens) 
 
 

 
 
 
 

Figure 3.82 Egg Development of Bluespotted Sunfish Enneacanthus gloriosus. Morula (left), early embryo 
(center), and pre-hatching stage (right) eggs (Source: Hardy 1978). 
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Figure 3.83 Bluespotted Sunfish Enneacanthus gloriosus. (Modified from Hardy, 1978). 
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Green Sunfish Lepomis cyanellus (Figure 3.84) 
 Type of Egg: Adhesive to attach to roots and plants  
 Egg Size: 1.0-1.4mm   
 Egg Characteristics: Yellow in color; contains a single oil globule 
 Environment Type: Freshwater  
 Size at Hatch: 3.6-3.7mm TL  
 Yolk Sac Stage Size Range: Hatch size – between 4.3-5.3mm TL  
 Yolk Sac Stage Myomere Count: 11+16-17  

General Yolk Sac Stage Characteristics: Oil globule located posteriorly in yolk 
sac, and unpigmented at hatch. Pigment developing over the air bladder, head and 
above anus between 4.1-5.0mm TL.  

 Post Yolk Sac Stage Myomere Count: 11-13 + 15-17  
 Post Yolk Sac Stage Size Range: 5.3mm TL or longer 

General Post Yolk Sac Stage Characteristics: Definite row of evenly spaced 
melanophores ventrally between anus and tip of tail. Chromatophores formed on 
top of head and opercular region.  

 Juvenile Stage Length: 16.0-18.5mm TL or longer 
Similar Larvae:  striped bass (Morone saxatilis), white perch (Morone 
americana), bluespotted sunfish (Enneacanthus gloriosus), redbreast sunfish 
(Lepomis auritus), pumpkinseed (Lepomis gibbosus), bluegill (Lepomis 
macrochirus), longear sunfish (Lepomis megalotis), redear sunfish (Lepomis 
microlophus), smallmouth bass (Micropterus dolomieui), largemouth bass 
(Micropterus salmoides), black crappie (Pomoxis nigromaculatus), tessellated 
darter (Etheostoma olmstedi), yellow perch (Perca flavescens) 
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Figure 3.84 Green Sunfish Lepomis cyanellus. (Modified from Hardy, 1978). 
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Pumpkinseed Lepomis gibbosus (Figure 3.85) 
 Type of Egg: Demersal and adhesive, attached to vegetation, rocks and soil  
 Egg Size: 0.8-1.2mm 

Egg Characteristics: Spherical; single oil globule, about 30% the size of the yolk 
diameter 

 Spawning Times: May – August, with spawning peak in May and June  
 Environment Type: Freshwater and Tidal Freshwater  
 Size at Hatch: 2.6-3.1mm TL  
 Yolk Sac Stage Size Range: hatch size – 4.5 to 5.6mm TL  
 Yolk Sac Stage Myomere Count: 10-13 + 17-21  

General Yolk Sac Stage Characteristics: An oil globule is located posteriorly in 
yolk-sac. Unpigmented at hatch, with a few single melanophores ventrally located 
between the tail and anus and above the anus. With ontogeny and growth, 
pigmentation becomes more dense on the dorsal surface of the air bladder. 

 Post Yolk Sac Stage Size Range: 4.5-5.6mm TL to 16.0-18.5mm TL  
 Post Yolk Sac Stage Myomere Count: 12+19  

General Post Yolk Sac Stage Characteristics: Gut coiling at 4.5mm TL. Some 
pigmentation on the side of the head above the eye, belly and a double row of 
melanophores around the developing anal fin. Prominent melanophore above the 
anus. Less pigmented than other Lepomis species. 
Juvenile Stage Length: 16.0-18.5mm TL or greater 
Similar Larvae:  striped bass (Morone saxatilis), white perch (Morone 
americana), bluespotted sunfish (Enneacanthus gloriosus), redbreast sunfish 
(Lepomis auritus), green sunfish (Lepomis cyanellus), bluegill (Lepomis 
macrochirus), longear sunfish (Lepomis megalotis), redear sunfish (Lepomis 
microlophus), smallmouth bass (Micropterus dolomieui), largemouth bass 
(Micropterus salmoides), black crappie (Pomoxis nigromaculatus), tessellated 
darter (Etheostoma olmstedi), yellow perch (Perca flavescens) 
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Figure 3.85 Pumpkinseed Lepomis gibbosus. Drawings of yolk and post yolk sac stage development ( 
Modified from Lippson and Moran, 1974 and Hardy, 1978).  
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Bluegill Lepomis macrochirus (Figures 3.86 and 3.87) 

Type of Egg: Demersal eggs deposited in nests, adhesive, attached to other eggs 
and attached to pebbles, leaves or roots 
Egg Size: 0.9-1.4mm 
Egg Characteristics: Spherical; contains single large oil globule, about 25% the 
size of yolk diameter 
Spawning Times: April – August, with peak mostly in April and May  
Environment Type: Freshwater 
Size at Hatch: 2.3-4.05mm TL, with an average of 3.23mm TL  
Yolk Sac Stage Size Range: hatch size-6.4mm TL  
Yolk Sac Stage Myomere Count: 10+21  
General Yolk Sac Stage Characteristics: Little pigmentation at hatch, 
prominent spot above the anus, variable body pigmentation with ontogeny and 
growth  
Post Yolk Sac Stage Size Range: 5.0-13.0mm TL  
General Post Yolk Sac Stage Characteristics: Dense pigmentation on head and 
over air bladder  
Juvenile Stage Length: 13.0mm TL  
Similar Larvae:  striped bass (Morone saxatilis), white perch (Morone 
americana), bluespotted sunfish (Enneacanthus gloriosus), redbreast sunfish 
(Lepomis auritus), green sunfish (Lepomis cyanellus), pumpkinseed (Lepomis 
gibbosus), longear sunfish (Lepomis megalotis), redear sunfish (Lepomis 
microlophus), smallmouth bass (Micropterus dolomieui), largemouth bass 
(Micropterus salmoides), black crappie (Pomoxis nigromaculatus), tessellated 
darter (Etheostoma olmstedi), yellow perch (Perca flavescens) 
 
 

 
Figure 3.86 Late Stage Egg Development for Bluegill Sunfish Lepomis macrochirus. A shows an egg at 26.5 hours, 
B shows an egg at 29 hours, and C shows an egg at 31 hours just before hatching would occur (Modified from Hardy, 
1978). 
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Figure 3.87 Bluegill Sunfish Lepomis macrochirus. (Modified from Hardy, 1978 and Lippson and Moran, 
1974). 
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Smallmouth Bass Micropterus dolomieui (Figures 3.88 and 3.89) 
Type of Egg: Demersal eggs deposited in nests, adhesive, attached to other eggs 
and debris  
Egg Size: 1.8-2.2mm 
Egg Characteristics: Light amber in color, with 6 or more large oil globules 
Spawning Times: May – Mid-July  
Environment Type: Freshwater  
Size at Hatch: 4.6 – 7mm TL 
Yolk Sac Stage Size Range: hatch size – 8.7-9.9 mm TL 
Yolk Sac Stage Myomere Count: 10+19  
General Yolk Sac Stage Characteristics: Densely pigmented body, with little 
pigment on the ventral side of the yolk-sac, no pigment spot above anus.  
Post Yolk Sac Stage Size Range: 8.7-9.9 to 19.0mm TL  
Post Yolk Sac Stage Myomere Count: 10-11 + 19-22  
General Post Yolk Sac Characteristics: Gut will be massively coiled by 8.0mm 
TL, with coiling occurring close to the vent, dense pigmentation on the head.  
Juvenile Stage Length: 19.0mm TL or greater 
Similar Larvae:  striped bass (Morone saxatilis), white perch (Morone 
americana), bluespotted sunfish (Enneacanthus gloriosus), redbreast sunfish 
(Lepomis auritus), green sunfish (Lepomis cyanellus), pumpkinseed (Lepomis 
gibbosus), bluegill (Lepomis macrochirus), longear sunfish (Lepomis megalotis), 
redear sunfish (Lepomis microlophus), smallmouth bass (Micropterus dolomieui), 
largemouth bass (Micropterus salmoides), black crappie (Pomoxis 
nigromaculatus), tessellated darter (Etheostoma olmstedi), yellow perch (Perca 
flavescens) 
 
 
  
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Figure 3.88 Early Developmental Stages of 
Smallmouth Bass Micropterus dolomieui. (Modified  
from Hardy, 1978). 
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Figure 3.89 Smallmouth Bass Micropterus dolomieui. Drawings of yolk and post 
yolk sac stage development (Modified from Lippson and Moran, 1974). 
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Family: Percidae (Perches) 
 
The Percidae family is the second most diverse of fish families in North America (Page 
and Burr, 1991; Jenkins and Burkhead, 1993). Larvae in the family Percidae have a vent 
that is located at mid-body (Lippson and Moran, 1974). A single large oil globule is 
located in the extreme anterior end of the yolk sac (Lippson and Moran, 1974; Hardy, 
1978). Typically the perches will show consistently higher total myomere counts when 
compared with the families Centrarchidae and Moronidae (Lippson and Moran, 1974). 
Yellow perch is an exclusively freshwater species and is known to make extensive 
spawning runs, spawning characteristic gelatinous ribbons of eggs (Hardy, 1978; Jenkins 
and Burkhead, 1993).  
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Tessellated Darter Etheostoma olmstedi (Figures 3.90 and 3.91) 
 Type of Egg: Demersal and adhesive eggs, spawned in nests guarded by males 
 Egg Size: 1.13-1.6mm 

Egg Characteristics: Spherical; amber in color, containing one dark amber 
colored oil globule 

 Spawning Times: April – June  
 Environment Type: Freshwater  
 Size at Hatch: ~5.0mm TL 
 Yolk Sac Stage Size Range: 5.1-5.8mm TL  

General Yolk Sac Stage Characteristics: Stellate chromatophores over yolk-
sac; chromatophores in conspicuous double row ventrally between anus and tip of 
tail, and between yolk and body  
Post Yolk Sac Stage Size Range: 5.8- unknown (assumed to be ~13.5-17.0mm 
TL based on similar species)   
General Post Yolk Sac Stage Characteristics: Conspicuous double row of 
chromatophores still present ventrally between anus and tip of tail  
Juvenile Stage Length: Unknown (assumed to be larger than 17.0mm TL based 
on similar species) 
Similar Larvae:  striped bass (Morone saxatilis), white perch (Morone 
americana), bluespotted sunfish (Enneacanthus gloriosus), redbreast sunfish 
(Lepomis auritus), green sunfish (Lepomis cyanellus), pumpkinseed (Lepomis 
gibbosus), bluegill (Lepomis macrochirus), longear sunfish (Lepomis megalotis), 
redear sunfish (Lepomis microlophus), smallmouth bass (Micropterus dolomieui), 
largemouth bass (Micropterus salmoides), black crappie (Pomoxis 
nigromaculatus), yellow perch (Perca flavescens) 
 
 

 
 

Figure 3.90 Egg Development of Tessellated Darter Etheostoma olmstedi. Drawings of early stage (left), late morula 
with a well-developed adhesive disk (center), and two eggs in prehatching stage adhered together (right). (Modified 
from Hardy, 1978).  
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Figure 3.91 Tessellated Darter Etheostoma olmstedi. Drawings of yolk and post yolk sac stage development (Modified 
from Lippson and Moran, 1974). 
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Yellow Perch Perca flavescens (Figures 3.92- 3.94) 
Type of Egg: Semi-pelagic egg masses (ribbon or sheet shaped) spawned among 
vegetation  

 Egg Size: highly variable, 1.7-4.5mm 
Egg Characteristics: Eggs contained in “accordion folds” in ribbon like strands; 
oil globule present 

 Spawning Times: March and April  
 Environment Type: Freshwater  
 Size at Hatch: 4.7mm TL 
 Yolk Sac Stage Size Range: hatch to between 5.5-6.6mm TL  
 Yolk Sac Stage Myomere Count: 17-22 +16-21 

General Yolk Sac Stage Characteristics: Similar in appearance to white perch 
or striped bass, but has a much higher myomere count. Pigmentation above the 
eye and on the yolk-sac, and on the ventral edge of the trunk. Pigmentation spots 
in row along ventral side of tail, about 15-20.  
Post Yolk Sac Stage Size Range: between 5.5-6.6 to 21.7mm TL  
Post Yolk Sac Stage Myomere Count: 17-22+16-21  
General Post Yolk Sac Stage Characteristics: Increased pigmentation over the 
head and jaws, mid-lateral dashed line of melanophores  
Juvenile Stage Length: 25mm or larger 
Similar Larvae:  striped bass (Morone saxatilis), white perch (Morone 
americana), bluespotted sunfish (Enneacanthus gloriosus), redbreast sunfish 
(Lepomis auritus), green sunfish (Lepomis cyanellus), pumpkinseed (Lepomis 
gibbosus), bluegill (Lepomis macrochirus), longear sunfish (Lepomis megalotis), 
redear sunfish (Lepomis microlophus), smallmouth bass (Micropterus dolomieui), 
largemouth bass (Micropterus salmoides), black crappie (Pomoxis 
nigromaculatus), tessellated darter (Etheostoma olmstedi) 
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Figure 3.92 Yellow Perch Perca flavescens Egg Mass. Long ribbon like egg mass (left), developed 
eggs attached to each other in mass close to hatch (Source: Hardy, 1978).  
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Figure 3.94 Yellow Perch Perca flavescens. Drawings of yolk and post yolk sac stage development (Modified 
from Lippson and Moran, 1974).  

Figure 3.93 Major Egg Developmental Stages of Yellow Perch Perca flavescens. (Modified from Lippson 
and Moran, 1974). 



149 
 

Family: Cyprinidae (Minnows and Carps) 
 

The family Cyprinidae is globally, the most speciose fish family (Page and Burr, 1991; 
Jones et al. 1978; Jenkins and Burkhead, 1993). Cyprinid larvae have an anteriorly 
spherical and posteriorly cylindrical yolk sac, as indicated in Figure 3.95 (Lippson and 
Moran, 1974; Jones et al. 1978). Larvae have a vent located just posterior to mid-body, 
generally between 3/5ths and 4/5ths the distance between the snout and tip of the caudal 
fin and pigmentation in characteristic rows: dorsolateral, mid-lateral and ventral pigment 
series (Lippson and Moran, 1974; Jones et al. 1978). In general, cyprinids have pre-anal 
myomere counts of 18-25 and post-anal myomere counts of 12-17 (Jones et al., 1978). 
Many species in the family have overlapping counts of myomeres, making identifications 
difficult and reliant on other metrics such as pigmentation to determine species (Jones et 
al., 1978; Lippson and Moran, 1974).  

 
 
 

 
 
 
 
 
 
 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Figure 3.95 Cyprinid yolk Sac larva.  It is typical for Cyprinid larvae to have a yolk sac 
that is anteriorly spherical and posteriorly cylindrical.  
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Goldfish Carassius auratus (Figures 3.96 and 3.97) 
Type of Egg: Demersal and adhesive, spawned in large clusters attached to 
vegetation and debris 
Egg Size: 1.0-1.7mm 
Egg Characteristics: Contain scattered tiny oil globules, and granular yolk; 
embryo heavily pigmented 
Spawning Times: May and June  
Environment Type: Freshwater and Tidal Freshwater  
Size at Hatch: 3.0-3.69mm TL  
Yolk Sac Stage Size Range: Hatch size – 6.5mm TL  

 Yolk Sac Stage Myomere Count: 21-22+11-12  
General Yolk Sac Stage Characteristics: Melanophores on jaws, dorsal surface 
of head and back, and at lateral line level on the body. Some pigmentation located 
anteriorly on the yolk-sac and above the gill arches  
Post Yolk Sac Stage Size Range: 6.5-11.6mm TL  
Post Yolk Sac Stage Myomere Count: 22+12 
General Post Yolk Sac Stage Characteristics: Round melanophores densely 
packed on the head region, and stellate melanophores located all over the body  
Juvenile Stage Length: ~11.6mm TL or longer  
Similar Larvae: creek chubsucker (Erimyzon oblongus), spottail shiner (Notropis 
hudsonius), carp (Cyprinus carpio), Eastern silvery minnow (Hybognathus 
regius), golden shiner (Notemigonus crysoleucas), quillback (Carpiodes 
cyprinus), satinfin shiner (Notropis analostanus) 
 
 
 

 
 
 
 
 

Figure 3.96 Goldfish Carassius auratus Egg Development. (Modified from Lippson and Moran, 1974).  
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Figure 3.97  Goldfish Carassius auratus. (Modified from Jones et al., 1978 and Lippson and Moran, 
1974). 
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Carp Cyprinus carpio (Figures 3.98 and 3.99) 
Type of Egg: Demersal, attached to vegetation and debris  
Egg Size: 1.8-2.04mm 
Egg Characteristics: Coarsely granular yolk; embryo highly pigmented 
Spawning Times: May – June  
Environment Type: Freshwater  
Size at Hatch: 3.0-3.69mm TL  
Yolk-sac Stage Size Range: hatch size 7.0 – 9.5mm TL  

 Yolk Sac Stage Myomere Count: 24+ ~12  
General Yolk Sac Stage Characteristics: Sometimes melanophores will be 
present at hatch on the head and body. Pigment on the lateral line, dorsal and 
ventral lines and on the air bladder. Melanophores on head become more 
dominant with ontogeny and growth  
Post Yolk Sac Stage Size Range: ~7.0 – 19.0mm TL  
Post Yolk Sac Stage Myomere Count: 18-25 +12-13  
General Post Yolk Sac Stage Characteristics: Dark pigmentation streak 
develops below the midline and extends forward into the opercular region. 
Pigmentation increasing in density over the air bladder and head. At 10mm TL 
stellate chromatophores develop on jaws, fins and all over the body. At 12mm TL 
or longer, incipient barbels will develop at the distal end of the mandibular 
groove.  
Juvenile Stage Length: 19.0mm TL or longer 
Similar Larvae: goldfish (Carassius auratus), creek chubsucker (Erimyzon 
oblongus), spottail shiner (Notropis hudsonius), carp (Cyprinus carpio), Eastern 
silvery minnow (Hybognathus regius), golden shiner (Notemigonus crysoleucas), 
quillback (Carpiodes cyprinus), satinfin shiner (Notropis analostanus) 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Figure 3.98 Carp Cyprinus carpio Egg 
Near Hatch. (Source: Lippson and Moran, 
1974).  
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Figure 3.99 Carp Cyprinus carpio. (Modified from Jones et al., 1978).  
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Eastern Silvery Minnow Hybognathus regius (Figure 3.100) 
Type of Egg: Demersal and slightly adhesive, spawned and scattered over debris 
or in nests  
Egg Size: 1.0mm 
Egg Characteristics: sparsely pigmented, some milky in color 
Spawning Times: Late April to May  
Environment Type: Freshwater, tidal freshwater  
Size at Hatch: Approximately 5.0-6.0mm TL  
Yolk Sac Stage Size Range: Hatch size – 6.1mm TL 
General Yolk Sac Stage Characteristics: Very similar to spottail shiner larvae. 
Chromatophores scattered across head, cheeks, air bladder and in a double series 
across the dorsal surface. Single row of pigment along the mid-lateral line, along 
gut and vent, and over the yolk-sac  
Post Yolk Sac Stage Size Range: 6.1-14.0mm TL  
Post Yolk Sac Stage Myomere Count: 21+14  
General Post Yolk Sac Stage Characteristics: Roughly triangular shaped blotch 
on the top of the head, pigmentation more diffuse along the dorsum and venter. 
Body pigment scattered  
Juvenile Stage Length: 14.0mm TL or longer  
Similar Larvae: goldfish (Carassius auratus), creek chubsucker (Erimyzon 
oblongus), spottail shiner (Notropis hudsonius), carp (Cyprinus carpio), golden 
shiner (Notemigonus crysoleucas), quillback (Carpiodes cyprinus), satinfin shiner 
(Notropis analostanus) 
 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Figure 3.100 Eastern Silvery Minnow Larvae Hybognathus regius. (Modified from Jones et 
al., 1978).  
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Golden Shiner Notemigonus crysoleucas (Figures 3.101 and 3.102) 
Type of Egg: Adhesive; commonly attached to filamentous algae and plant roots 
Egg Size: 1.0mm 
Egg Characteristics: No oil globule 
Spawning Times: Late March to August   
Environment Type: Freshwater  
Size at Hatch: 2.7-4.7mm TL, on average 3.0mm TL  
Yolk Sac Stage Size Range: Hatching size – ~6.9mm TL 
General Yolk Sac Stage Characteristics: Melanophores in a double row along 
the mid-dorsal line, in a single row mid-laterally and ventrally, and scattered over 
the head and air bladder. 
Post Yolk Sac Stage Size Range: ~ 6.9mm - Maximum PYSL size = 18.0mm TL  
Post Yolk Sac Stage Myomere Count: Post-anal = 15-17  
General Post Yolk Sac Stage Characteristics: Melanophores present on jaws, 
top of head, fins, dorsum, and in a band from the head to the caudal fin. Pigment 
in a double ventral series from the anus to caudal base  
Juvenile Stage Length: ~18.0mm TL or longer  
Similar Larvae: goldfish (Carassius auratus), creek chubsucker (Erimyzon 
oblongus), spottail shiner (Notropis hudsonius), carp (Cyprinus carpio), Eastern 
silvery minnow (Hybognathus regius), quillback (Carpiodes cyprinus), satinfin 
shiner (Notropis analostanus) 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Figure 3.101 Newly Hatched Golden Shiner Notemigonus crysoleucas. (Modified from 
Jones et al., 1978). 
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 Figure 3.102  Golden Shiner Notemigonus crysoleucas. (Modified from Jones et al., 1978).  
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Spottail Shiner Notropis hudsonius (Figures 3.103 and 3.104) 
Type of Egg: Demersal, scattered over gravel and algal masses  
Egg Size: ~1.0- 1.3mm TL 
Egg Characteristics: Pigmentation present on well-developed embryos 
Spawning Times: April to late August or Early September  
Environment Type: Freshwater, brackish water  
Yolk Sac Stage Size Range: Hatch size – 8.0-9.0mm TL 

 Yolk Sac Stage Myomere Count: 24 + 14  
General Yolk Sac Stage Characteristics: Blunter snout than some other 
cyprinids. Single band of ventral body melanophores present. Scattered 
melanophores also seen on the yolk sac.  
Post Yolk Sac Stage Size Range: 8.0-9.0mm - ~18.0mm TL 
Post Yolk Sac Stage Myomere Count: 23-24 + 14  
General Post Yolk Sac Stage Characteristics: Double row of melanophores 
along the mid-dorsal line and forming a patch over the head. Myomeres in series 
along the ventral body, concentrated over the air bladder and extending into the 
caudal region  
Juvenile Stage Length: ~18.0mm TL or greater 
Similar Larvae: goldfish (Carassius auratus), creek chubsucker (Erimyzon 
oblongus), carp (Cyprinus carpio), Eastern silvery minnow (Hybognathus regius), 
golden shiner (Notemigonus crysoleucas), quillback (Carpiodes cyprinus), 
satinfin shiner (Notropis analostanus) 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Figure 3.103 Late Development Spottail Shiner 
Notropis hudsonius Egg. (Modified from Jones et al., 
1978). 
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Figure 3.104 Spottail Shiner Notropis hudsonius. (Modified from Jones et al., 1978). 
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Family: Catostomidae (Suckers) 
 
Recently hatched Catostomidae larvae have a long, cylindrically shaped yolk sac that is 
more bulbous anteriorly (Lippson and Moran, 1974). The vent is located between 2/3 and 
3/4 back on the body (Lippson and Moran, 1974). During the larval stage development 
for many species of Catostomidae, the mouth initially develops in a high, terminal 
position, and will migrate inferiorly with growth (Jones et al., 1978). Eventually, the 
mouth becomes protrusible and used to vacuum prey items, for example invertebrates, off 
the bottom sediments (Page and Burr, 1991; Jenkins and Burkhead, 1993). Larvae can 
have variable pigmentation, with up to three rows along the body (Lippson and Moran, 
1974).  Suckers will in general have higher pre-anal myomere counts than species in the 
Cyprinidae family, with from 27-33 for catostomidae larvae and 18-25 for cyprinid 
species (Jones et al., 1978).  
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Quillback Carpiodes cyprinus (Figure 3.105 and 3.106) 
 Type of Egg: Deposited at random over sand, mud or silt in streams  
 Egg Size: Not Described 
 Egg Characteristics: Not Described 
 Spawning Times: May-June  
 Environment Type: Freshwater 
 Size at Hatch: 5.4-5.5mm TL  
 Yolk Sac Stage Size Range: hatch to 7.9mm TL 

 General Yolk Sac Stage Characteristics: Melanophores present over yolk and 
ventral tail at hatch not seen in other suckers. Y shaped pattern of melanophores 
on head, which distinguishes the quillback from the creek chubsucker.  Dark 
pigmentation scattered over ventral surface of the yolk-sac, expanded over the air 
bladder, and in rows along the dorsal surface and narrowing into one row near the 
caudal finfold  

 Post Yolk Sac Stage Size Range: 7.9 -18.0mm TL 
General Post Yolk Sac Stage Characteristics: Y shaped pattern of 
melanophores on head. Melanophores distinct along gill arches, scattered in 
opercular and branchial regions, and on lips and nares. 

 Juvenile Length Stage: 18.0mm or longer 
Similar Larvae: goldfish (Carassius auratus), creek chubsucker (Erimyzon 
oblongus), spottail shiner (Notropis hudsonius), carp (Cyprinus carpio), Eastern 
silvery minnow (Hybognathus regius), golden shiner (Notemigonus crysoleucas), 
satinfin shiner (Notropis analostanus) 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

 

Figure 3.105 Newly Hatched Quillback 
Carpiodes cyprinus. (Modified from Jones et al., 
1978). 
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Figure 3.106 Quillback Carpiodes cyprinus. Drawings of yolk and post yolk sac stage development 
(Modified from Jones et al., 1978). 
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Creek Chubsucker Erimyzon oblongus (Figures 3.107-3. 109) 
 Type of Egg: Demersal, adhesive and attached to debris and each other  
 Egg Size: 1.8mm 

Egg Characteristics: Spherical, with little perivitelline space and no oil globules; 
opaque, yellow coloration 

 Spawning Times: March – April; springtime  
 Environment Type: Freshwater 
 Size at Hatch: 4.8mm TL  
 Yolk sac Stage Size Range: Hatch size - ~6.0mm TL 

General Yolk Sac Stage Characteristics: Clear stripe down the middle of 
melanophore patch on dorsal head (Figure 108). Has typical sucker pigmentation 
pattern of three rows, dorsal, lateral and ventral. Chromatophores formed in the 
finfold, below eye, and along anterior half of dorsal surface and surface of yolk  
Post Yolk sac Stage Size Range: ~6.0mm TL – not described 
General Post Yolk Sac Stage Characteristics: Clear stripe down the middle of 
melanophore patch on dorsal head (Figure 108). Single row of chromatophores 
along the vertebral column and lateral line area. 

 Juvenile Stage Length: Not described  
Similar Larvae: goldfish (Carassius auratus), spottail shiner (Notropis 
hudsonius), carp (Cyprinus carpio), Eastern silvery minnow (Hybognathus 
regius), golden shiner (Notemigonus crysoleucas), quillback (Carpiodes 
cyprinus), satinfin shiner (Notropis analostanus) 
 

 
 
 
 
 
 
 
 
 

Figure 3.107 Egg Development of Creek Chubsucker Erimyzon oblongus. (Modified from Lippson and Moran, 1974).  
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Figure 3.109 Creek Chubsucker Erimyzon oblongus. (Modified from Jones et 
al., 1978). 

Figure 3.108 Clear Pigmentation Stripe on 
Dorsal Creek Chubsucker Head. Green line 
indicates clear strip in pigmentation characteristics 
in YSL and PYSL creek chubsucker larvae.  
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Family: Clupeidae (Herrings) 
 
The clupeid family is mainly composed of marine or estuarine species, which exhibit 
anadromous behaviors and move into freshwater environments for spawning (Jones et al., 
1978; Lippson and Moran, 1974; Page and Burr, 1991). Clupeid larvae are typically long 
and slender, with a vent located well posterior and having little pigmentation (Lippson 
and Moran, 1974; Jones et al. 1978). Myomere counts overlap for many clupeid species, 
requiring other characteristics to identify larvae to species (Bulak, 1985). Typically, 
American shad will be between 2-3 times longer in size than other clupeid species at 
comparable growth stages (Bulak, 1985).  
 
  



165 
 

Blueback herring Alosa aestivalis (Figure 3.110 and 3.111) 
Type of Egg: Pelagic eggs; can be demersal in still or low-flow waters 
Egg Size: 0.87-1.11mm 
Egg Characteristics: amber granular yolk with numerous tiny oil globules; semi-
transparent capsule 
Spawning Times: Late April – early May  
Environment Type: anadromous, tidal freshwater, freshwater, brackish water  
Size at Hatch: 3.1 – 5.0mm TL  
Yolk Sac Stage Size Range: hatch – 5.1mm TL  
General Yolk Sac Stage Characteristics: Pigmentation pattern described present 
at hatch, with chromatophores scattered over the ventral surface of the yolk sac 
and a series of pigment spots on the dorsal edge of the gut from behind the yolk to 
the anus. Row of stellate pigment spots below the pectoral fin and enlarged 
melanophores on the upper gut.  
Post Yolk Sac Stage Size Range: ~5.0 – 20mmTL  
General Post Yolk Sac Stage Characteristics: Elongated chromatophores at the 
base of pectoral fins, melanophores in distinct single row along the surface of 
upper and lower gut and digestive tract. Straight pattern of parallel lined 
pigmentation starting at the pectoral base around 10.0mm TL (Figure 64).   
Juvenile Stage Length: 20 mm TL 
Similar Larvae: American shad (Alosa sapidissima), hickory shad (Alosa 
mediocris), bay anchovy (Anchoa mitchilli), alewife (Alosa pseudoharengus), 
gizzard shad (Dorosoma cepedianum) 
 

 
 
 
 
 
 
 

Figure 3.110 Egg Development of Blueback Herring Alosa aestivalis. (Modified from Lippson and Moran, 1978).  
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Figure 3.111 Blueback Herring Alosa aestivalis. (Modified from Jones et 
al. 1978 and Lippson and Moran, 1974).  
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Hickory Shad Alosa mediocris (Figures 3.112-3.114) 
Type of Egg: Pelagic in turbulent waters, demersal in slow flow or still waters, 
eggs are slightly adhesive  
Egg Size: 0.98-1.19mm 
Egg Characteristics: Amber granular yolk with numerous tiny oil globules 
Spawning Times: Late April – early June  
Environment Type: Anadromous; tidal freshwater, freshwater 
Size at Hatch: 5.2-6.6mm TL, larger at hatch than most river herring species 
Yolk Sac Stage Size Range: hatch – 7.0mm TL  
General Yolk Sac Stage Characteristics: At hatch, pigmentation is limited to 
just a few chromatophores along the gut. With growth, small melanophores 
develop on the abdomen with 18-25 melanophores along the ventral surface of the 
gut between the yolk and anus. Additional row of melanophores running along the 
upper surface of the gut.  
Post Yolk Sac Size Range: 7.0- ~ 18.0mm 
General Post Yolk Sac Stage Characteristics: Ventral pigment posterior to the 
cleithrum consists of two straight rows of non-converging melanophores.  
Juvenile Stage Length: Usually 18mm TL or greater  
Similar Larvae: blueback herring (Alosa aestivalis), American shad (Alosa 
sapidissima), bay anchovy (Anchoa mitchilli), alewife (Alosa pseudoharengus), 
gizzard shad (Dorosoma cepedianum) 
 

 
 
 

Figure 3.112 Egg Development of Hickory Shad Alosa mediocris. (Modified from Lippson and Moran, 1978).  
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Figure 3.113 Hickory Shad Alosa mediocris. Hickory shad have a large yolk sac without oil globule and a 
larger TL than other clupeid species.  

Figure 3.114 Hickory Alosa mediocris. (Modified from Lippson and Moran, 1974 and Jones et al., 1978).  
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Alewife Alosa pseudoharengus (Figure 3.115 and 3.116) 
Type of Egg: Pelagic or semi-demersal, temporarily adhesive right after 
spawning  
Egg Size: 0.80-0.95mm 
Egg Characteristics: Amber granular yolk with no oil globules; transparent 
capsule 
Spawning Times: Late March – April, generally precedes blueback herring by 
several weeks 
Environment Type: Anadromous; freshwater, tidal freshwater 
Size at Hatch: 2.5-5.0mm TL, 3.5mm TL on average  
Yolk Sac Stage Size Range: Hatch size – 5.8-6.0mm TL  
Yolk Sac Stage Myomere Count: 37-41 + 7-8  
General Yolk Sac Stage Characteristics: Variable pigmentation on the yolk. 
Typically will have rows of melanophores across the ventral half of the body and 
above intestine  
Post Yolk Sac Stage Size Range: ~6.0-~19.9mm TL 
Post Yolk Sac Stage Myomere Count: 40-42 + 5-9  
General Post Yolk Sac Stage Characteristics: Supracaudal pigment present. 
Ventral pigment posterior to the cleithrum appears sharply angular. Darkened 
melanophores along the ventral surface between the pectoral fins.  
Juvenile Stage Length: ~19.9mm TL or longer 
Similar Larvae: blueback herring (Alosa aestivalis), American shad (Alosa 
sapidissima), hickory shad (Alosa mediocris), bay anchovy (Anchoa mitchilli), 
gizzard shad (Dorosoma cepedianum) 
 
 

 
 
 
 
 

Figure 3.115 Egg Development of Alewife Alosa pseudoharengus. (Modified from Lippson and Moran, 1974).  
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Figure 3.116 Alewife Alosa pseudoharengus. (Modified from Lippson and Moran, 1974 and 
Jones et al., 1978).  
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American Shad Alosa sapidissima (Figure 3.117 and 3.118) 

Type of Egg: Demersal  
Egg Size: 1.8-3.5mm 
Egg Characteristics: Largest in size of all clupeid eggs; pale amber granular 
yolk; no oil globule 
Spawning Times: Late February – April  
Environment Type: Anadromous; tidal freshwater, freshwater 
Size at Hatch: 5.7-10.0mm TL  
Yolk Sac Stage Size Range: Hatch size - ~9.0- 12.2mm TL  

 Yolk Sac Stage Myomere Count: 41-47 + 10-16  
General Yolk Sac Stage Characteristics: Yolk sac may be covered with diffuse 
stellate chromatophores, variable line of mid-ventral pigmentation running along 
the intestine to the anus. Head is detached from the yolk at hatch, and yolk sac is 
much larger than other alosine species at hatch  
Post Yolk Sac Stage Size Range: 9.0 – 27.0mm TL  
Post Yolk Sac Stage Myomere Count: 41-47 + 10-16  
General Post Yolk Sac Stage Characteristics: Ventral pigment posterior to the 
cleithrum consists of two double curved rows of melanophores that converge at 
the cleithrum. Some pigmentation along the intestine, snout, opercula or dorsal 
surfaces  
Juvenile Stage Length: Usually 25-28mm TL or longer 
Similar Larvae: blueback herring (Alosa aestivalis), hickory shad (Alosa 
mediocris), bay anchovy (Anchoa mitchilli), alewife (Alosa pseudoharengus), 
gizzard shad (Dorosoma cepedianum) 

 
 
 
 
 
 

Figure 3.117 Egg Development of American Shad Alosa sapidissima. (Modified from Lippson and Moran, 1974). 



172 
 

 

 
 
 
 
 
 
 
 
 
 
 
 

Figure 3.118 American Shad Alosa sapidissima. In some of these illustrations, lengths are unknown, but show the general trend 
of yolk absorption and other characteristics with ontogeny (Modified from Lippson and Moran, 1974 and Jones et al., 1978).  
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Gizzard Shad Dorosoma cepedianum (Figure 3.119 and 3.120) 
Type of Egg: Demersal and adhesive  
Egg Size: 0.75mm 
Egg Characteristics: Yellowish color with a finely granular yolk; one large oil 
globule with up to 5 smaller globules 
Spawning Times: Mid-March to late August  
Environment Type: Freshwater, tidal freshwater  
Size at Hatch: 3.25mm TL on average  
Yolk Sac Stage Size Range: Hatch size – 9 – 12.2mm TL 
General Yolk Sac Stage Characteristics: Pale, granular oil globule present 
posteriorly in the yolk sac. Vent will be closer to the caudal fin than in other 
clupeid species. Lacking pigment at hatch, and developing a line of 
chromatophores dorsal to the yolk and extending into the pre-anal finfold. 
Post Yolk Sac Stage Size Range: 9-12.2mm - ~27.0mm TL 
General Post Yolk Sac Stage Characteristics: Additional chromatophores 
developing anteriorly to the vent and over the anterior third of the gut. Some 
scattered chromatophores may be present on the caudal fin base.  
Juvenile Stage Length: ~27.0mm TL or longer 
Similar Larvae: blueback herring (Alosa aestivalis), American shad (Alosa 
sapidissima), hickory shad (Alosa mediocris), bay anchovy (Anchoa mitchilli), 
alewife (Alosa pseudoharengus) 

 
 

 
 
 
 
 
 
 
 
 
 
 

Figure 3.119 Egg Development of Gizzard Shad Dorosoma cepedianum. (Modified from Lippson and Moran, 1974).  
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Figure 3.120 Gizzard Shad Dorosoma cepedianum. (Modified from Lippson and Moran, 1974 and Jones et al., 1978).  
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APPENDIX A 

Complete List of Environmental Variables included in chapter 2 analysis: 

Temperature 

Dissolved Oxygen Concentration 

Dissolved Oxygen Percentage 

Conductivity 

Total N  

Total P 

TSS 

Chloride 

Macrozooplankton Abundance 

Microzooplankton Abundance 

SAV Bed Area 

Fairfax County Human Population Density  
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